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Abstract
This study examined the effect of a growing environmental stressor,
sedimentation, on the physiology and oxidative stress throughout the different life stages
of two common scleractinian corals Montastraea cavernosa and Porites astreoides.
Physiology, oxidative stress, and settlement success of newly released P. astreoides
larvae were measured after exposure to various turbidity treatments. No significant
effects were seen on larval settlement and photosynthetic efficiency, however carbonyl
content and catalase activity were significantly higher in 2015 compared to 2014;
highlighting a possible inter-annual variability in susceptibility. Larval settlement
deterrence in the presence of a layer of accumulated fine- or coarse-grained sediment was
examined and showed significant differences between treatments but not between
sediment grain sizes. Ultimately showing that any sediment can deter settlement. The
deleterious effects of sediment accumulation on the survival of newly settled spat was
examined by smothering with varying layers of fine- or coarse- grained sediment.
Survival was significantly different by treatment with coarse-grained sediment showing
decreased survival with increasing accumulation. In adult P. astreoides fragments
photosynthetic efficiency significantly decreased after being exposed to layers of
accumulated sediment, with recovery monitoring after exposure revealing that over time
photosynthetic efficiency did not recover to pre-exposure levels. However, in M.
cavernosa the photosynthetic efficiency of fragments exposed to high sedimentation saw
significant recovery after exposure. Significant differences among oxidative stress
biomarkers (catalase activity and carbonyl content) were seen among exposed P.
astreoides fragments, however no significance was seen in M. cavernosa. Tissue
mortality was also assessed with P. astreoides fragments having significantly higher
mortality compared to M. cavernosa. These results highlight the negative effects of
sedimentation on scleractinian corals throughout their life history stages, increasing our
need for a more thorough understanding of this growing environmental stressor.

Keywords: sedimentation, larval physiology, oxidative stress, settlement, survival

iii

INTRODUCTION
1.1 Importance of Coral Reefs
Reef-building corals are ecosystem engineers, capable of constructing and
maintaining the foundation of an enormous system that promotes biodiversity and
provides human services that benefit societies worldwide (Barbier et al. 2011). They are
distributed throughout the tropics and subtropics covering an estimated 280,000 square
kilometers and 1.2% of the continental shelf (Spalding et al. 2001). Corals typically
inhabit seas between 30°N and 30°S where ocean temperatures average between 26 and
27°C (Achituv and Dubinsky 1990). Over the past fifty years, researchers have identified
about 100,000 of the 0.5-2 million species estimated to exist (Spalding et al. 2001). Coral
reefs provide shelter, food and a home for one quarter of all known marine species (Cesar
et al. 2003). The invaluable goods and services that coral reefs provide such as shoreline
protection, recreation, tourism, food and pharmaceuticals have been valued at a net
present value of US $800 billion (Cesar et al. 2003). With the genetic and species
diversity of coral reefs rivaling that of tropical rainforests, numerous bioactive
compounds are being explored for use in pharmaceutical and medical technologies
(Lesser 2004). Despite the importance of these ecosystems, Cesar et al. (2003) estimated
that at the current rate of destruction over 60% of all reefs will be completely destroyed
within the next 30 years.
1.2 Biology and Reproduction of Coral Reefs
Scleractinian species are important ecosystem engineers as they provide structure
for other species to grow upon and within (Jones et al. 1994; Jones et al. 1997). The high
ecological success of corals has been attributed to their acquisition of symbiotic
dinoflagellates in the genus Symbiodinium (commonly called zooxanthellae) in the
Triassic period (Lesser 2004). Corals are able to acquire the majority of their energy and
nutrients through two mechanisms: photosynthesis performed by their zooxanthellae and
heterotrophy or direct ingestion of zooplankton and surrounding organic particles by the
cnidarian host (Lesser 2004). Symbiodinium live within the gastrodermal tissues of
zooxanthellate corals. This alga shares a mutualistic relationship with its coral host,
allowing both parties to thrive in clear, oligotrophic waters (Veron 1995). As a result of
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this relationship, Symbiodinium receive metabolic waste from the coral host such as
ammonia, phosphate, and carbon dioxide, essential for the growth and survival of the alga
(Trench 1979; Mueller-Parker and D’Elia 1997) and are kept in the presence of a high
light environment allowing them to photosynthesize in the absence of herbivory (Weis
2008). Symbiodinium provide up to 95% of the photosynthetic end-products, such as
sugars, carbohydrates, amino acids, and peptides (Lesser 2004). These nutrients are
required by the coral host for respiration, growth, secretion of calcium carbonate
skeleton, and reproduction (Trench 1979; Trench 1987; Muscatine 1990; Grottoli et al.
2006).
Coral reproduction contributes to reef diversity and replenishes populations.
Sexual reproduction supplies new individuals to a reef, with occurrence in scleractinian
species happening through either brooding or broadcast spawning (Ritson-Williams et al.
2009). Brooding occurs when sperm are released into the water column and taken up by
conspecifics for internal fertilization, after which fully competent planula larvae are
released (Fadlallah 1983; Szmant 1986; Richmond and Hunter 1990; Baird et al. 2009).
Brooding is the most common form of reproduction in coral colonies found in the
Caribbean Sea (Szmant 1986; Richmond and Hunter 1990; Smith 1992). Colonies that
reproduce by brooding tend to be smaller in size and have multiple spawning cycles each
year for successful reproduction to occur (Szmant 1986; Richmond and Hunter 1990;
Smith 1992). Species that undergo broadcast spawning release sperm and eggs into the
water column. Fertilization occurs externally in the environment and after a time period
of days to weeks (species specific), embryos develop into planula larvae (Fadlallah 1983;
Szmant 1986; Richmond and Hunter 1990; Richmond 1997).
The successful settlement and recruitment of coral planulae are crucial
components for the survival and growth of coral populations (Babcock and Smith 2000).
The transitional stage from a planula larva to a juvenile involves a two-step process:
successful settlement and metamorphosis. Settlement occurs when a larvae selects a
suitable substrate for recruitment. Depending on the species of coral, settlement can
happen minutes, hours, or days after the larvae have been released (Ritson-Williams et al.
2009). Metamorphosis follows directly after settlement when larvae undergo both
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morphological and physiological changes to enter into the juvenile stage. Larvae rely on
external cues to trigger their settlement and subsequent metamorphosis, without which a
prolonged period in the larval stage will occur leading to a decrease in post-settlement
fitness and survival (Pechenik 1990; Pechenik 2006; Ritson-Williams et al. 2009). These
external cues are usually chemical and can be released by conspecifics or other marine
organisms. They have been shown to aide in locating substratum suitable for settlement
(Pawlik 1992; Hadfield and Paul 2001). A common positive cue for a variety of marine
invertebrate larvae is crustose coralline algae (CCA), with larvae settling next to or on
top of the CCA (Morse et al. 1996). Larval availability, successful settlement, as well as
post-settlement survival and future growth are all necessary to add new individuals to an
existing reef ecosystem (Ritson-Williams et al. 2009). Coral recruitment increases genetic
variation among populations, increasing survival of a species and allowing for
recolonization after damages or disease outbreaks to occur (Connell et al. 1997). Coral
mortality is highest during the first few months after settlement, with up to 99% postsettlement mortality during this period (Trapon et al. 2013). The post-settlement stage in
the coral life cycle is a critical transition and represents the overall future survivorship of
the adult populations found within the region (Trapon et al. 2013). Experiences during
early life stages in corals can have underlying effects on the overall health and survival of
the individual. These may affect not only the overall fitness and survival of the larvae but
can have latent effects on older life stages throughout the individual’s life (RitsonWilliams et al. 2009).
1.3 Threats to Coral Reefs
While reefs are one of the most diverse habitats, they are also one of the most
sensitive to environmental changes. Extant reefs are the result of 45-50 million years of
evolution. Throughout that time period corals have been subjected to numerous natural
disturbance and mass extinction events (Nystrom et al. 2000). Disturbance events have
ranged from cyclone / hurricane damage (Connell et al. 1997) to predator outbreaks and
invasive species (Pearson 1974; Pearson 1984). Mean sea surface temperatures have
increased by 0.3-0.6°C worldwide, lending to an increase in the frequency and intensity
of tropical storms and hurricanes (Cesar et al. 2003). The effects of this increase can be
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seen in the results of the 1998 El Niño event when coral reef damage and mortality was
widespread. Worldwide mortality of corals after this event was 16% (Wilkinson 2002);
with the reefs of Belize specifically losing 50% live coral cover (Cesar et al. 2003).
Because the exact cause of the 1998 El Niño event is unclear, this may foreshadow an
increase in the intensity of these events in the future. A growing concern to the health of
ocean systems worldwide is ocean acidification. This process is described as a change in
ocean chemistry resulting in a reduction in pH, leading to increasing in oceanic CO2
concentrations (Sabine et al. 2004). Decreasing oceanic pH results in a decreased
abundance of carbonate ions, directly impacting the ability of calcifying organisms such
as corals, echinoderms, cocolithophores, and foraminifera to maintain or grow their
calcium carbonate skeletons (Raven et al. 2005).
Hughes and Connell (1999) found that despite the extensive damage due to
hurricanes, long-term coral mortality also results from predation, and competition.
Predation by Acanthaster species, or the crown of thorn starfish, is widespread in the
Pacific and has been linked to increased mortality in various reef ecosystems (Porter
1972b). For example, Chester (1969) described a loss of 90% of corals along Guam’s
coastline in only 2.5 years due to an increase in abundance of Acanthaster spp.
Competition for space is an important factor structuring coral reef communities (Porter
1974; Jackson and Buss 1975). Corals have been known to be competitively dominant
over algae as adults, but as larvae, or if bleaching or disease breakouts occur, the algae
proliferates and may dominate the corals for space and cover (McCook et al. 2001). One
way in which algae cover in a reef environment is managed is through continuous grazing
by herbivorous predators, such as parrotfishes and the sea urchin Diadema spp. However,
overfishing of these herbivores has been shown to impact the resilience of coral reefs to
climate change as well as leads to phase shifts to a more alga-dominated reef
environment (Mumby et al. 2006; Hughes et al. 2007). A direct result from various
stressors is bleaching of the coral tissue (Cesar et al. 2003). Bleaching occurs when the
Symbiodinium within the tissue are expelled into the surrounding environment. This
occurs as a result of stress or damage to the tissue and the white skeleton can then be seen
through the remaining translucent tissue (Cesar et al. 2003). Bleaching leaves a coral
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vulnerable to development of diseases, which can spread and overtake an already stressed
reef ecosystem. While the vectors of most coral diseases are still unknown, elevated
water temperatures (Jones et al. 2004; Bally and Garrabou 2007; Bruno et al. 2007;
Rodriguez and Croquer 2008), decreases in water quality (Kim and Harvell 2002; Kuta
and Richardson 2002; Bruno et al. 2003; Voss and Richardson 2006; Baker et al. 2007),
vector and host densities (Aeby et al. 2010; Aeby et al. 2011), and bleaching intensity
have all been shown to play important roles in disease transmission. Over the past decade
an increase in human activities has caused noticeable damage to existing coral
communities throughout all stage of their lifecycle (Nystrom et al. 2001; Spalding et al.
2001).
1.4 Sedimentation Impacts on Coral Communities
Human effects on corals began in industrial times (Burke et al. 2011; Weber et al.
2012), and have caused damage to over 25% of coral reefs worldwide (Babcock and
Smith 2000). Increasing levels of sedimentation are a result of human disturbances, such
as dredging, drilling, runoff, and both coastal and upstream deforestation, in coastal areas
(Babcock and Smith 2000; Vargas-Angel et al. 2006). These activities comprise one of
the most persistent and damaging human-induced stressors to coral colonies worldwide
(Rogers 1990). These activities have also been linked to eutrophication, leading to
overabundances of nutrients and increases in algal blooms throughout reef environments
(Bell 1992). Normal levels of suspended sediments on a reef environment range from ~5
mg/l to <10 mg/l (Rogers 1990; Larcombe et al. 1995). However, natural conditions such
as storms and tidal movements may frequently re-suspended sediments to higher levels
(Dodge and Vaisnys 1977; Larcombe et al. 1995; Kleypas 1996; Renaud et al. 1996;
Wilkinson 1996; Connell et al. 1997). Increased levels of sediment have been found to
adversely impact the biological processes of corals, disrupt the ecosystem’s overall
strength, function and ultimately leads to alterations in the complex relationship between
coral reefs, mangroves, seagrass beds, and tropical fisheries (Rogers 1990). Compared to
coral communities with low sedimentation, increased sedimentation has been found to
decrease diversity; slow coral growth rates, and reduce colony size, leaving the
community with only sediment-resistant species (Gilmour 1999). Erftemeijer et al. (2012)
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proposed that an increase in a stressor above background levels will result in damage to a
coral colony, with the outcome being directly related to the duration of the stressor
(Figure 1.1). This may vary with location, depending on the stressor in question, and on
the sensitivity of the exposed coral species (Erftemeijer et al. 2012). One area of concern,
where increases in coastal construction and sedimentation events are occurring, is
Southeast Florida.

Figure 1.1: Graph depicting the relationship between the intensity and
duration of a stress event to the risk of sublethal and lethal effects on
corals (Image from Erftemeijer et al. 2012).

1.4.1 Beach Nourishment
Development of the coastal bays, tidal channels and ports in South Florida has
been associated with the degradation of local coral reefs due to increases in land-based
impacts and stressors (Lirman and Fong 2007). These stressors have decreased water
quality through increased sedimentation, nutrients, and pollutants (Lirman and Fong
2007). Beach erosion in Florida is primarily a result of a combination of human
construction and natural disturbances, i.e., wind, rain, storm activity (Schmidt and
Woodruff 1999). In an effort to counter this, sediment from sand borrow areas (SABs)
and upland sand mines is used to renourish eroded beaches (Jordan et al. 2010). This
process, known as beach nourishment, has been shown to lead to increased levels of
turbidity on the reef and negatively affect the benthic communities within the
surrounding areas (Jordan et al. 2010). Wanless and Maier (2007) have found that
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sediment from commonly used SABs substantially differs in grain size, durability, and
composition compared to pre-nourishment beach sands found throughout Broward
County, Florida. They suggested that beaches nourished with this sand may break down
faster and potentially become re-suspended if washed offshore (Wanless and Maier 2007;
Jordan et al. 2010). These sediments could potentially accumulate and cover reefs,
leading to increased stress and eventual colony death in areas adjacent to these
nourishment projects (Nemeth and Nowlis 2001; Fabricius et al. 2007; Weber et al.
2012).
1.4.2 Dredging and Turbidity
The cumulative effects of dredging, among other coastline construction activities,
have resulted in ecological impacts on numerous reefs worldwide (Maragos 1993).
Dredging is the removal of sediments from the bottom of channels, harbors, and water
bodies (http://oceanservice.noaa.gov/facts/dredging.html). In Southeast Florida it is
commonly used as a way to maintain or deepen the ports and navigation channels to aide
in safe passage of boats and ships (http://oceanservice.noaa.gov/facts/dredging.html).
When dredging occurs in areas of limestone and extant coral, these materials, when
disturbed, break apart (Schlapak and Herbich 1978; Maharaj 2001). As this occurs, silt is
released into the water, creating white “plumes” that are difficult to control (Schlapak and
Herbich 1978; Maharaj 2001). These plumes can spread over large areas, if influenced by
currents, and can remain suspended in the water column for long periods of time
(Schlapak and Herbich 1978; Maharaj 2001). Levels of suspended sediments within close
proximity to dredge sites (< 300 m from the dredge itself) range from 840 to 7200 mg/l,
which are 400 times the levels normally experienced on reef environments (Nichols et al.
1990). In August 2013, the main harbor channel of the Port of Miami was dredged from
42 ft. controlling depth to 50-52 ft. Deepening of the Port will accomdate larger postPanamax vessels (http://www.miamidade.gov/portmiami/deep-dredge.asp). While
dredging activity has been monitored throughout the process, damage and destruction
have altered the reef environments located both within and outside the projected areas,
with sediment accumulation reaching higher levels than anticipated (FDEP 2014).
Increased turbidity has been shown to cause harm to coral species through degraded
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water quality and reducing photosynthetic activity of the Symbiodinium (Hanes and
Dompe 1995; Telenicki and Goldberg 1995). In 1988 the United States Environmental
Protection Agency declared that the standard water turbidity for Florida coastal waters
not exceed 29 Nephelometric Turbidity Units (NTUs) during construction and
nourishment events (U.S. EPA 1988). The relationship between NTUs and sedimentation
has no biological or physical derivation; however, increases have been linked to
physiological changes in scleractinian coral species (Hanes and Dompe 1995; Telenicki
and Goldberg 1995). Additionally this standard also states that the depth of the
compensation point for photosynthetic activity can’t be decreased by more than 10
percent from the seasonally established norm for aquatic life (Water Quality Standards
Criteria Summaries). In the case of turbidity increasing during a dredging or beach
nourishment event, if turbidity is found to be higher than 29 NTUs all activity must stop
and turbidity must be monitored hourly until it reaches background levels (the condition
of waters in the absence of man-induced alterations; Justin Voss personal
communication).
1.4.3 Direct Harm to Coral
Excessive sedimentation from dredging, drilling, and coastal construction
constitutes one of the most insistent sources of human induced damage to coral reefs
(Rogers 1990; Brown 1997). Sedimentation can affect corals lifecycle in the following
ways: 1) causing mortality from smothering or complete burial, 2) decreasing adult
colony growth via abrasion and shading, 3) decreasing photosynthetic activity increasing
respiration, and 4) reducing larvae production, settlement, and survival (Nugues and
Roberts 2003). Sedimentation events after dredging, coastal construction activities, or
wave resuspension can expose coral communities to fine nutrient-rich sediments that
when accumulated on top of living coral tissue, can lead to bleaching or complete tissue
necrosis (Weber et al. 2006). These deleterious effects can be due to the combined effect
of smothering and microbial action on the healthy tissue (Bak and Elgershuizen 1976;
Bak 1978; Rogers 1983; Hodgson 1990; Rogers 1990). More moderate levels of
accumulation can lead to increases in respiration of the coral host, while simultaneously
leading to decreases in the photochemical efficiency and ultimately the photosynthetic
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capability of the symbiotic Symbiodinium (Abdel-Salam and Porter 1988; Riegl and
Branch 1995). While corals may be able to remove sediments from their surface, the
additional energy expenditure further decreases the fitness of the coral colony through
limitation of resources otherwise needed for food capture, growth, tissue repair, and
reproduction (Hubbard and Pocock 1972; Dodge and Vaisnys 1977; Bak 1978; Kendall et
al. 1985; Meesters et al. 1992). Increased rates of sediment exposure have also been
linked to decreases in coral growth and algal productivity through reductions in available
light for photosynthesis (Hubbard and Scaturo 1985; Kendall et al. 1985; Tomascik and
Sander 1985; Rogers 1990).
During development, juvenile corals are at risk from the damaging effects of
sedimentation and eutrophication. In reefs exposed to high levels of both sedimentation
and eutrophication, juvenile corals were outcompeted by various opportunistic algal
species and thus had a lower overall survival compared to less impacted reefs (Birkeland
1977). When newly spawned larvae are faced with high sediment accumulation, studies
have shown that the larvae are unable to settle, choose not to undergo settlement, or have
early mortality after settlement when exposed to these conditions (Pillai 1971; Porter
1972a; Aller and Dodge 1974; Sammarco 1980; Cortes and Risk 1985; Wallace 1985;
Oakley 1988). This may lead to depressed recruitment rates in corals exposed to
environments of high sedimentation, specifically on uppersurfaces of environmental
substrata. Larvae have the ability to discriminate between settlement sites, allowing them
to choose one suitable for settlement despite the presence of sediments. This avoidance of
sediment however, may lead to a choice of settlement orientation, which is not optimal
for growth and development, potentially leading to post-settlement mortality (Birkeland
1977; Sato 1985).
The reefs of southeast Florida are located near the northern limit of scleractinian
corals’ distribution range and as a result are less diverse than those in the Indo-Pacific or
the rest of the Caribbean. The reef communities off the coast of Broward and MiamiDade counties are composed of three reef tracts running parallel to the coast with an array
of complex ridges inshore (Goldberg 1973; Moyer et al. 2003). Each reef tract is unique
in its biology, coral cover and sediment load. Reef communities throughout this region
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are immersed in the warm waters of the Florida Current, promoting the colonization and
growth of various coral species (Banks et al. 2007). However, these same reefs are
located in close proximity to three large ports, the Port of Palm Beach, Port Everglades
and the Port of Miami, as well as periodic beach nourishment and dredging projects.
Southeast Florida is an area in which anthropogenic effects on reefs are pervasive and not
well understood (Jordan et al. 2010).
1.5 Combating Sediment Stress
Despite increases in coastal sedimentation events, corals possess various
mechanisms allowing them to remove sediment accumulated on their tissue. Success of
sediment removal varies between coral species and between sediment types during
exposure. Studies show a linear relationship between stress from sedimentation and
recovery potential after short-term exposure (Stafford-Smith and Ormod 1992; StaffordSmith 1993; Philipp and Fabricius 2003). Most coral species can withstand a low
sediment supply to their living tissue, but a high sediment supply has been shown to be
lethal (Mayer 1918; Edmonson 1928; Marshall and Orr 1931). Corals can react to
sediment either actively or passively, helping to define the overall susceptibility of the
species to a stressor (Erftemeijer et al. 2012). Passive removal of sediment takes
advantage of the shape of the colony, allowing for increased runoff of accumulated
sediments (Stafford-Smith and Ormond 1992; Stafford-Smith 1993; Riegl 1995; Riegl et
al. 1995; Sanders and Baron-Szabo 2005). Species with columnar and hemispherical
growth forms tend to be more efficient passive sediment shedders (Bak and Elgershuizen
1976; Dodge and Vaisnys 1977; Stafford-Smith 1993; Riegl 1995). Some of the most
efficient sediment shredders are branching forms, such as Acropora cervicornis and
Madracis mirabilis. These species have little surface area for accumulation and polyps
that are widely separated, both features that reduce the occurrence of sediment clogging
(Meyer 1989).
Active sediment removal includes: polyp inflation, tentacle action, and polyp
movement (Stafford-Smith and Ormond 1992; Riegl 1995; Bongaerts et al. 2012). All of
these mechanisms are cued by the irritation of surface receptors, communicating to the
colony that ciliary motion alone is not enough to remove the accumulated sediment.
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Tentacles can be used to collect the sediment, which can be either pushed to the side and
off the colony surface or moved to the center of the oral disc and ingested (Anthony
1999). One final method of sediment removal is a combination of passive and active
methodologies via tissue expansion (Erftemeijer et al. 2012). Retraction of the tentacles
into the polyp and swelling of the surrounding tissue results in the formation of a smooth
surface which sediment can slide off (Erftemeijer et al. 2012). While these mechanisms
are known to aide in sediment rejection, sub-lethal damage from reactive oxygen species
(ROS), tissue survival, and decreases in photosynthetic activity are not well understood
when newly released larvae, settled spat, and adult colonies are exposed to sedimentation.
1.6 Detecting Stress within Coral Tissue
1.6.1 Reactive Oxygen Species
Increased stressors can lead to damage of coral tissue through a process known as
oxidative stress. This is a result of the production and accumulation of reactive oxygen
species (ROS) leading to sub-lethal host damage and expulsion of Symbiodinium from the
tissue (Lesser 2006). ROS are created through the reduction of molecular oxygen and can
yield the following reactive intermediates: 1) superoxide radical (O2-), 2) singlet oxygen
(1O2), 3) hydrogen peroxide (H2O2), and 4) hydroxyl radical (HO●), with the most
damaging being the hydroxyl radical (Asada and Takahashi 1987; Cadenas 1989;
Fridovich 1998; Halliwell and Gutteridge 1999). While these intermediates naturally
occur in organismal tissue, a buildup when left unquenched can lead to oxidative damage
to lipids, proteins, and DNA (Lesser 2006).
Lipid peroxidation is initiated when a reactive radical, commonly hydroxyl,
extracts hydrogen from a hydrocarbon side chain of a polyunsaturated fatty acid (PUFA)
chain located within the cell membrane (Halliwell 2006). This leaves an unpaired
electron on the carbon, which reacts with the superoxide radical to generate peroxyl
radicals. These radicals are highly reactive and able to oxidize membrane proteins and
attack adjacent PUFA side chains, initiating a chain reaction (Halliwell 2006). A new
carbon radical is formed to continue the chain and a lipid hydroperoxide is formed along
with it. The peroxyl radicals have the ability to extract additional hydrogen atoms from
within the same PUFA chain as above, creating additional peroxides. This reaction
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continues within the membrane leading to fragmentation of chains to create aldehydes
and hydrocarbons (Halliwell 2006). These products lead to degradation and decreases in
membrane fluidity. The phospholipid exchange becomes easier between the two
membrane layers and opens up the layer to increases in the incidence of abnormal
substances (K+, Ca2+) to flow more freely through specific channels. This leads to
damage of membrane proteins, inactivation of receptors, enzymes, and ion channels
(Halliwell 2006). Another damaging effect from increases in ROS is protein
carbonylation. This process involves a reaction of either the protein itself or a site within
the protein, commonly peptide bonds or side chains (Levine 2002). One example is the
direct oxidation of side chains lysine, arginine, proline, and threonine residues to form
2,4-dinitrophenylhydrazine (DNPH) detectable protein products, which then react to form
hydrazones (Butterfield and Stadtman 1997; Stadtman and Levine 2000; Levine 2002).
Another method of protein product formation is through the addition of aldehydes, like
those generated during lipid peroxidation. Formation and accumulation of these protein
products leads to the creation of various carbonyl species, which can cause amino acid
modifications, fragmentation of the peptide chain, aggregation of cross-linked reaction
products, and increased susceptibility to degradation (Lesser 2006). One way in which
these damages can be prevented is with the assistance of natural enzymatic antioxidants
found within the tissues (Lesser 2006).
One common enzymatic antioxidant to prevent damages is catalase. Catalase is a
heme-containing enzyme that catalyzes the breakdown of hydrogen peroxide into water
and oxygen (Lesser 2006). In plants and animals it is generated in the peroxisomes
(Halliwell 2006). Catalase levels are usually found in balance with levels of ROS within
cell tissues and organelles. When the balance of ROS is larger in relation to the balance
of catalase (or antioxidants in general) oxidative stress happens and must be mitigated
before irreversible damage can occur (Halliwell 2006). Recent studies have helped to
elucidate the pathways by which ROS can be transmitted from Symbiodinium into the
host tissue, potentially increasing oxidative stress and promoting the expulsion of the
Symbiodinium from the host as a final means of combating the increased stress (Downs et
al. 2002).
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The Oxidative Theory of Coral Bleaching is a proposed mechanism of coral
bleaching, involving the response of both the Symbiodinium and coral host to an increase
in oxidative stress (Downs et al. 2002). This mechanism begins with an increase in a
stressor, such as heat, which destabilizes the photosynthetic electron transport chain,
leading to an increased production of ROS within the chloroplast (Badger 1985; Richter
et al. 1990; Giardi et al. 1997; Halliwell and Gutteridge 1999). This increase in ROS
production is due to the Mehler reaction and generation of hydrogen peroxide by the
Oxygen Evolving Complex (Mehler 1951; Badger 1985; Richter et al. 1990; Tjus et al.
2001). Once generated hydrogen peroxide within the Symbiodinium is able to diffuse into
the host cytoplasm where upon entry it is either neutralized by antioxidant pathways,
such as catalase discussed above, or it is converted into a more harmful ROS (Halliwell
and Gutteridge 1999). An ROS concentration threshold exists within the tissue such that
levels above the threshold result in oxidative damage and levels below do not (Downs et
al. 2002). At an unknown intensity of oxidative stress the coral host will expel its
Symbiodinium, in an attempt to eradicate the dominant source of ROS production (Downs
et al. 2002). Another way to monitor changes in stress and potential recovery in coral
tissue would be through the quantum yield of fluorescence occurring within photosystem
II.
1.6.2 Fluorescence within Symbiodinium
The mutualistic Symbiodinium found within the coral tissue provide energy to
their host via photosynthesis performed within their chloroplasts. Numerous positions
within the photosynthetic pathway are susceptible to damage if exposed to stressors
(Warner et al. 1999). Positions within photosystem II (PSII) are especially susceptible to
damage, as this is a beginning step in the photosynthetic reaction and any disruption will
impede the reaction’s overall success (Warner et al. 1999). These positions include: 1)
the oxygen-evolving complex, 2) the reaction center, 3) the overall connectivity between
the light-harvesting complex and the reaction center of PSII, and 4) the D1 protein within
the reaction center (Schreiber and Armond 1978; Al-Khatib and Paulsen 1989; Becker et
al. 1990; Havaux 1993; Heckathorn et al. 1997). Damage to PSII can be seen as a
decrease or change in quantum yield of fluorescence within the system. Pigments absorb
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light energy to fuel the photosynthetic reaction. If all the energy absorbed by the
pigments is used towards photosynthesis the system is said to be 100% efficient. If the
pigments absorb more energy than the photosystem can handle, the excess energy is lost
safely by fluorescence, which decreases photochemical efficiency (Alyson Kuba personal
communication). Chlorophyll fluorescence is the re-emission of energy in the form of a
photon (light) as an excited electron returns to ground state. This can be measured
through wavelength emission by the photon (D.J. Suggett et al. 2010). Under stress or if
damage to PSII has occurred, the amount of incoming energy exceeds the capacity of the
fluorescence pathway leading to a new pathway ending in phosphorescence (Alyson
Kuba personal communication). As phosphorescence occurs oxygen radicals and
eventually ROS are created, leading to creation of a feedback loop further damaging PSII
(Alyson Kuba personal communication). This is shown as a decrease in the quantum
yield of fluorescence and is used as a common tool for examining the photobiological
state of the Symbiodinium (Alyson Kuba personal communication; Warner et al. 2006).
Chlorophyll fluorescence monitoring is a way to indirectly measure the photochemical
efficiency or capability of an organism to use photons to excite electrons leading to
photosynthesis (Alyson Kuba personal communication).
Monitoring chlorophyll fluorescence before and after stressor exposure can help
to determine the effect of that stressor on the quantum yield within the coral holobiont. A
non-invasive method to monitoring the fluorescence within PSII of the Symbiodinium is
through use of a pulse-amplitude modulated fluorometer (PAM; Diving-PAM; Walz,
GmbH, Germany). This method uses a pulse-beam of light to determine the physiological
state of the symbiont, through monitoring of the resulting excitation wavelength (Warner
et al. 1999). Primary producers, such as hermatypic corals, exhibit a typical diurnal
oscillation in the efficiency of PSII (Brown et al. 1999; Hoegh-Guldberg and Jones 1999;
Gorbunov et al. 2001). To combat these daily fluctuations Symbiodinium possess
photoprotective pathways aiding in the dissipation of excess excitation energy throughout
the day (Warner et al. 2006). Any disruption, be in natural fluctuations or an external
stressor, leading to decreases in PSII activity can ultimately damage these
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photoprotective pathways, leading to expulsion of the Symbiodinium from the coral tissue
and eventual coral bleaching (Warner et al. 1999).
The relationship of photosynthetic activity to sediment exposure was examined by
Weber et al. (2006). This experiment demonstrated that photosynthetic activity increased
when corals were exposed to sediments containing higher organic and nutrient-related
matter. This exposure was short term (12 to 60 hours) and suggests a different outcome
for corals exposed to sedimentation from sandy nutrient-poor sediment (storm resuspended marine carbonate sediments) compared to silt-sized sediments rich in organic
matter and nutrients (terrestrial and marine origin; Weber et al. 2006). Grain size has also
been linked to changes in the quantum yield (fluorescence) of the Symbiodinium within
the coral tissue (Weber et al. 2006). Those exposed to silt (< 63 µm) had a significant
decrease in efficiency after 60 hours of exposure compared to fine (63-250 µm) and
medium sand (250-500 µm). While those exposed to the fine and medium sand did not
see significant decreases (Weber et al. 2006). Anthropogenic sediment deposition has
been found to negatively impact the quantum yield of fluorescence of the Symbiodinium
within the tissue directly smothering by the sediment (Philipp and Fabricius 2003).
However, if corals were able to remove sediment, the photosynthetic activity was found
to be unaffected (Philipp and Fabricius 2003). While damages from sedimentation have
been demonstrated, in some circumstances corals possess unique abilities to combat
sediment accumulation that may occur over their tissue.
1.7 Significance
Coral reefs across the Caribbean region are declining in coral cover due to
increases in both regional and global stressors (Ross et al. 2012). Due to this drastic
decline, it has become necessary to better understand the processes that might allow us to
save coral populations. Sediment increase, above all other environmental factors, is
considered one of the most immediate threats and, unfortunately, one of the least
understood processes leading to reef degradation (Gilmour 1999). The increase in coral
mortality seen in recent decades has made coral recruitment and survival more vital in
helping to sustain the reef communities (Ritson-Williams et al. 2009). Examination of all
life stages of a coral colony in response to the stress of sedimentation will allow for a
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better understanding of the effects on the colony growth and development. This
information, once obtained, could be used to aide in mitigation and planning of future
coastal construction projects, potentially lessoning the impact on reef environments
endemic to Southeast Florida waters.
1.8 Objectives
This study examined the physiological response of scleractinian coral species
Montastraea cavernosa and Porites astreoides when exposed to sedimentation by
addressing the following questions:
1. Do abrasion and turbidity affect coral larval physiology and
settlement success?
During periods of sandblasting (during dredging/coastal
development activity) newly spawned larvae are exposed to
conditions of increased suspended sediments and potential
abrasion. These conditions potentially impact photochemical
efficiency of brooded larvae, induce oxidative stress within the
tissue, and may impact settlement success after exposure.
2. Does sedimentation affect coral larval settlement success?
As increased levels of suspended sediment (both coarse- and finegrained) settle onto substrate and accumulate, disruption of
settlement cues and less available suitable substrate for larval
settlement and metamorphosis may impact the settlement success
of coral larvae.
3. Does sedimentation affect coral spat survival?
After successful settlement and metamorphosis onto a suitable
substrate increased levels of suspended sediment (both coarse- and
fine-grained) settle and accumulate smothering developing spat
which may impact juveniles survival.
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4. Does sedimentation affect survival and physiology of adult coral
colonies?
During periods of dredging/coastal development activity increased
suspended sediment and sediment movement leads to heavy
accumulation on adult colonies. This accumulation potentially
leads to negative impacts on photochemical efficiency of the
Symbiodinium within the adult tissue, oxidative stress, and
increased tissue mortality. These damages impact tissue to
potentially deter recovery from occurring after removal of the
immediate stressor.
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SHORT-TERM EFFECTS OF SEDIMENTS ON THE PHYSIOLOGY AND
SURVIVAL OF LARVAE OF THE CORAL PORITES ASTREOIDES
2.1 Introduction
Reef-building corals are being exposed to harmful threats on regional and global
scales (Hoegh-Guldberg et al. 2007). Globally sea surface temperatures have risen by
0.9°C since 1880, with projections of a further increase of 2 - 4°C by 2100 (IPCC 2013:
Summary for Policymakers). This increase has been linked to intensifications in coral
bleaching events, disease outbreaks, and changes in the frequency and intensity of storms
(Cesar et al. 2003; IPCC 2007; Donner 2009). Another increasing global threat is ocean
acidification. A reduction in oceanic pH, as a result of increased anthropogenic CO2 in
the atmosphere, has the potential to impede the ability of scleractinian corals to
successfully generate calcium-carbonate skeletons, ultimately harming those frameworkgenerating species (Raven et al. 2005). On a more regional scale, sources of damage can
originate from dredging, drilling, runoff, eutrophication, and both coastal and upstream
deforestation (Babcock and Smith 2000; Vargas-Angel et al. 2006). These sources vary in
intensity and damage depending on location and proximity to the coral reef.
The Southeast Florida region is home to the only living coral barrier reef system
within the continental United States. It is the third largest in the world (NOAA 2013), and
lays adjacent to coastal areas undergoing frequent large-scale dredging and beach
nourishment activities. Due to the close proximity to the coastline, increases in suspended
sediments and sediment accumulation have become one of the largest sources of
degradation to the reefs of this region (Johannes 1975; Dahl 1985; Rogers 1983).
Dredging projects, such as the recent Miami Deep Dredge (Florida, USA), pose a direct
threat to the local reef systems as these projects have the potential to have a wide impact
range due to their size and extended duration. In coastal areas, turbidity (suspended
sediment composition) is influenced by winds, tidal changes, rainfall, and extreme
weather events, with changes occurring on short time-scale (Barnes et al. 2015).
However, when dredging or beach nourishment projects occur, turbidity changes increase
in intensity and duration, sometimes lasting for months. As in the case of the Miami Deep
Dredge Project, large-scale sediment plumes were seen from October 2013 through April
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2015, with the frequency of these plumes increasing from 34 to 84% after dredging
activities began (Barnes et al. 2015).
Scleractinian corals provide the framework for the immense reef ecosystems
throughout the world’s oceans. Successful reproduction maintains reef diversity and
replenishes populations. Certain species, such as Porites astreoides, reproduce by
brooding, and are capable of both self-fertilization and outcrossing, after which fully
competent planula larvae are released from the parent colony (Fadlallah 1983; Szmant
1986; Richmond and Hunter 1990; Baird et al. 2009; Ross et al. 2012). Once released
planulae must settle and recruit (Babcock and Smith 2000). The transition, from a planula
to a juvenile, involves a two-step process: successful settlement and metamorphosis.
Depending on the species of coral, settlement can happen minutes, hours, or days after
larval release, with planulae found throughout the water column during this time (RitsonWilliams et al. 2009). As the planulae search they rely on external cues to locate suitable
substrate. Without cues a prolonged period in the larval stage will occur leading to a
decrease in post-settlement fitness and survival (Pechenik 1990; Pechenik 2006; RitsonWilliams et al. 2009). Metamorphosis follows settlement, during which larvae undergo
both morphological and physiological changes to enter into the juvenile stage. Success of
this process ultimately increases genetic variation among populations, increasing survival
of a species and allowing for recolonization after damages or disease outbreaks occur
(Connell et al. 1997).
Throughout dredging projects coarser-grained sediments from plumes have been
shown to settle rapidly (Bokuniewicz and Gordon 1980), resulting in high accumulation
throughout adjacent reef environments (FDEP 2014). As sediment is settling out newly
released coral planulae may be physically abraded or trapped within these plumes,
potentially leading to production of reactive oxygen species (ROS) within the in-hospite
Symbiodinium (Lesser 1996). A buildup of harmful ROS can trigger damage to proteins,
lipids, nucleic acids and result in bleaching or larval mortality (Halliwell 2006; Weis
2008; Ross et al. 2012). In areas of high sediment accumulation, studies have shown that
newly spawned coral larvae are unable to settle, choose not to undergo settlement, or
have early mortality after settlement (Pillai 1971; Porter 1972; Aller and Dodge 1974;
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Sammarco 1980; Cortes and Risk 1985; Wallace 1985; Oakley 1988), potentially leading
to depressed recruitment rates in exposed corals. If successful settlement dose occur, the
first few months are when mortality risk is at its highest, with up to 99% occurring
(Trapon et al. 2013). However, if spat do survive, adverse environmental conditions
could cause underlying effects, impacting the overall health and survival of the individual
(Ritson-Williams et al. 2009). With larval availability, successful settlement, postsettlement survival, and future growth being necessary to add new individuals to existing
reef ecosystems, it is important to understand stressors that may hinder the success of
these stages (Babcock and Smith 2000).
As the frequency and size of dredging and port construction projects increases, a
more thorough understanding of the physiological response of larvae to increases in
turbidity and sediment accumulation is warranted. To examine these effects, experiments
using the larvae of the coral Porites astreoides were conducted. P. astreoides is common
throughout the Caribbean region and the reefs systems of Southeast Florida (Aronson et
al. 2008). By studying the larval response we aim to determine: 1) if abrasion and
turbidity affect coral larval physiology and settlement success, 2) if sediment
accumulation impedes coral larval settlement success, and 3) if spat survival is hindered
by smothering with sediment. The results of this study will greatly increase our
knowledge of the potential damage from a regional source, common along developed
coastlines. This information, once obtained, could be used to aide in mitigation and
planning of future coastal construction projects, potentially lessoning the impact on reef
environments endemic to Southeast Florida waters.
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2.2 Methods
Study Species
The scleractinian coral species used in this study were Montastraea cavernosa
and Porites astreoides. Porites astreoides has a wide distribution, encompassing waters
of the Caribbean, Gulf of Mexico, Bahamas, Florida, Bermuda, and the Eastern Atlantic
(Aronson et al. 2008). Colonies are typically found in water 1-15 meters deep and have
shown high levels of larval recruitment in comparison to other reef species (Aronson et
al. 2008). Porites astreoides exhibits diverse growth patterns such as encrusting, plating,
and mounding morphologies, with the distribution of each growth form relating to water
depth and light availability (Chornesky and Peters 1987; Aronson et al. 2008). Individual
polyps can range in size from 0.5 to 1.5 millimeters in diameter (Humann 1993).
Typically, colonies of P. astreoides are hermaphroditic although some colonies are solely
female. Porites astreoides is a brooding species, where fertilization occurs internally
around the time of a new moon (April to June) and afterward fully competent planula are
released (Chornesky and Peters 1987). Once larvae are released, they are ready to settle
and metamorphose. This species’ high reproductive rate, when compared to other coral
species, has led to a higher overall survival rate when exposed to habitat loss and
degradation events (Aronson et al. 2008).
Montastraea cavernosa is found throughout the Caribbean, Gulf of Mexico,
Bahamas, Bermuda, and Florida (Aronson et al. 2008). Colonies are widely distributed
throughout various reef environments ranging from 0.5 to 95 meters depth with the
highest overall abundance found between 10 and 30 meters (Aronson et al. 2008; Veron
2000). Individual polyps of a colony average 9 mm in diameter (Humann 1993).
Montastraea cavernosa often forms mounding or boulder morphologies with occasional
plate or encrusting colonies occurring less commonly (Veron 2000). Due to high
competition on reefs, M. cavernosa possesses sweeper tentacles at all times during its life
history, which are used as a defensive mechanism when disturbed by a neighboring
colony (Chornesky and Williams 1983). Colonies of M. cavernosa are gonochoric, with
each individual colony composed of a single sex (Acosta and Zea 1997; Silvia and Pires
2008; Vize 2006). Spawning occurs from July to October with gamete release occurring
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seven to eight days after the full moon. Male colonies spawn first, releasing clouds of
sperm into the surrounding water. This is followed by the release of eggs by female
colonies (Acosta and Zea 1997; Silvia and Pires 2008; Vize 2006). Fertilization occurs in
the water column after which a planula will develop and search for substratum to recruit
to.
Collection of P. astreoides larvae
Colonies of P. astreoides were collected from various locations and transported to
either Mote’s Tropical Research Station in Summerland Key, Florida or the Keys Marine
Laboratory in Layton, Florida. The bottoms of colonies were scrubbed of any debris or
algae growth before being placed in individual Rubbermaid™ ‘Grip ‘N Mix’ bowls.
These bowls received continuously flowing seawater through individual hoses. Each
bowl was tilted slightly so that the larvae would travel over the handle and into plastic
tripour beakers each night. Tripour beakers were fitted with an 180μm nitex mesh bottom
that was elevated 1 cm off the seawater table bottom by PVC feet. Larvae released from
colonies were pooled into three to four separate bowls and maintained until use in
experiments. The following experiments were completed throughout multiple months of
two spawning seasons, with larvae being collected and used accordingly (Table 1).

Table 1: Location, date of larval release, and experiment run with resulting larvae for
experiments below. Detailed explanation of experiments found in the section following
the table.
Collection Site

Coordinates

Wonderland Reef

N 24°33.620’
W 81°30.080’
N 24°33.620’
W 81°30.080’
N 24°44.004’
W 80°49.728’
N 24°44.023’
W 80°49.770’

Wonderland Reef
Rubble Patch 4
Rubble Patch 4-2

Colonies
Collected
31

Colonies
Planulated
23

Date of Larval
Release
May 28, 2014

Experiments
Run
1

46

26

1, 2, 3

25

25

April 19, 2015
April 20, 2015
May 17, 2015

26

26

May 17, 2015

1, 2, 3

1, 2, 3
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2.3 Experiment 1: Effects of sediment on larvae physiology and settlement
Treatment of P. astreoides larvae
Instances of dredging and beach nourishment may increase the amount of
suspended sediment in the water column, potentially leading to stress from physical
abrasion. To test this, larvae were exposed to experimental treatments for 24 hours in
order to elucidate the effects of a single stressor on a specific life history stage. Larvae
were placed in 45 mL of filtered seawater (FSW) held within a 50-mL Falcon® Tube and
attached to a titer plate shaker (Thermo Scientific) at a speed of three for 24 hours.
Sediment was collected from reef environments throughout Broward County Florida and
dried before sieving. The sediment used in this experiment was fine-grained, 250μm and
smaller, and was added to each tube based on the standard water turbidity for coastal
waters in Florida during construction and nourishment events, which is 29 Nephelometric
Turbidity Units (NTUs; U.S. EPA 1988). The three turbidity levels --- low (10-12
NTUs), moderate (25-30 NTUs), and high (35-45 NTUs) --- were mimicked to elucidate
the effectiveness of the 29 NTU standard. These levels were compared to a control
turbidity of zero to show any detrimental effects on the physiology of the larvae. Coral
larvae were exposed to treatments consisting of: (1) a control with no added sediment, (2)
a low treatment (0.2 gram sediment), (3) a moderate treatment 0.5 gram sediment), and
(4) a high treatment (1.0 gram sediment).
After 24 hours of exposure, 10 larvae from each Falcon® Tube were removed and
used for quantification of Symbiodinium density, photochemical efficiency, and oxygen
consumption. The remaining 50 larvae were removed and flash frozen in liquid nitrogen,
transported to Nova Southeastern University, and kept at -80°C until travel to the
University of North Florida occurred to quantify cellular stress.
Larval Photophysiology
Using pulse-amplitude modulated fluorometry (PAM; Diving-PAM; Walz,
GmbH, Germany), the photochemical efficiency of the in-hospite Symbiodinium within
the larvae was examined for any changes due to turbidity exposure. Changes in the darkadapted maximum-quantum yield (MQY; Fv/Fm = (Fm-Fo)/Fm’) of photosystem II were
assessed following the methodology of Ross et al. (2012) with slight modifications.
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Centrifuge tubes (Eppendorf Flex Tubes® 1.5mL) containing 10 larvae each (n = 21
replicates per treatment) were placed in a dark room for one hour prior to measurements.
Each tube was placed in a centrifuge at 13,000 x g for 30 seconds, causing all larvae to
group at the bottom of the tube. Larvae were directly pipetted onto the tip of the fiberoptic cable in 25μL of FSW. Measuring intensity and gain were both set to eight. Each
set of larvae was measured three times with a saturation pulse-beam of light with a 30second interval between each measurement. All measurements took place in a dark room
with the help of a headlamp fitted with a red-filter lens. Raw data was downloaded from
the PAM utilizing the WinControl 3® software for statistical analysis. After the
measurements, larvae were removed from the tip of the cable, placed back into their
respective tube, and flash frozen in liquid nitrogen. They were then transported to Nova
Southeastern University’s Halmos College of Natural Arts and Sciences and used for
quantification of Symbiodinium density.
Larval Symbiodinium Density
The density of Symbiodinium per larvae was determined using methods described
by Ross et al. (2010). Those replicates used for quantification of photophysiology were
removed and thawed to room temperature (10 larvae per replicate, n = 5 replicates per
treatment). Three BB pellets (Daisy BBs™) and enough FSW to reach a uniform 1.2mL
were added to each centrifuge tube (Eppendorf Flex Tubes® 1.5mL). Individual tubes
were held on a vortex (Scientific Industries Vortex Genie 2) until all larvae were
homogenized completely. All liquid was removed and placed in a clean centrifuge tube
and centrifuged for 90 seconds at 14,000 x g. The supernant was discarded and the
resulting pellet containing the algal symbionts was resuspended in 300μL of FSW. Each
tube was placed on the vortex for an additional 20 seconds to make sure the pellet was
completely resuspended. Four sub-samples from each tube were counted via
hemocytometer, by counting the total Symbiodinium found within the four large corner
squares. Each sub-sample was averaged together and used to calculate the Symbiodinium
per milliliter of sample and then the Symbiodinium density per larvae. Final densities
were conveyed as symbionts per larvae-1.
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Oxidative Stress Assays
Frozen larvae (50 per replicate, n = 10 replicates per treatment) were transported
to the University of North Florida where they were thawed to room temperature and
extracted in 400μL of buffer (50 mM potassium phosphate buffer [pH 7.0] containing 10
% [w/v] polyvinylpolypyrrolidone [PVP]-40, 0.25 % Triton X-100 and 1 % [v/v] plant
cell protease inhibitor cocktail [Sigma-Aldrich, St. Louis, MO, USA]). Two beads were
placed in each tube, after which the tissue was homogenized via vortex (Mini Vortexer,
Fisher Scientific) and then centrifuged for 10 minutes at 10,000 x g. The resulting
supernatants were used to run the following stress assays.
Normalization for protein content was done through use of a Bicinchoninic acid
(BCA) Protein Assay Kit (Thermo Scientific, Pittsburgh, PA, USA). This assay utilizes
bicinchoninic acid (BCA) for the colorimetric detection and quantification of total protein
within a sample. Diluted bovine serum albumin (BSA) and various quantities of diluent
were used to create 9 standards. The diluent used was a 50mM phosphate buffer. A 50:1
bicinchoninic acid-working reagent was created by combining 50mL of Reagent A and
1mL Reagent B. A 96-well plate (Thermo Scientific™ Pierce™) was made by pipetting
25μL of each standard and sample supernant into individual microplate wells. Afterwards
200μL of working reagent was added to each well in the microplate. The plate was then
covered with aluminum foil and incubated at 37°C for 30 minutes. After incubation, the
absorbance of the plate was read on a plate reader at 562nm. The absorbance of the blank
standard was subtracted from each well in the plate, plotted as a standard curve in
Microsoft Excel™, and used to determine the protein concentration in μg/mL.
An end result of the attack of reactive oxygen species (ROS) on lipids is impaired
cellular function, which is detected through the use of the Lipid Hydroperoxide Assay kit
(Cayman Chemical, Ann Arbor, MI, USA). Lipid peroxidation results in the formation of
highly reactive and unstable hydroperoxides of both saturated and unsaturated lipids. This
assay measures the hydroperoxide directly utilizing the redox reactions with ferrous ions,
providing a snapshot of the lipid peroxidation level at the time of the assay. Lipid
hydroperoxides must be extracted from the sample into chloroform before the assay can
be performed. A saturated solution of Extract R was prepared by adding 100mg of the
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provided solid into a test tube with 15mL methanol. The mixture was vortexed
thoroughly for 2 minutes. Glass test tubes were labeled for each sample and had 250μL of
sample supernatant, 250μL Extract R, and 1mL of cold chloroform added to them. Test
tubes were mixed thoroughly by vortex and then centrifuged at 15,000 x g for 5 minutes
at 0°C1. The bottom chloroform layer was carefully collected and transferred to a clean
tube by inserting a pipette along the side of the test tube. These tubes were then stored on
ice for later use. Various quantities of Lipid Hydroperoxide Standard (HP) and
chloroform-methanol mixture (CH3Cl3-CH3OH) were combined to make 8 standards. A
new glass test tube was labeled for each sample and had 500μL of chloroform extract and
50μL of chloroform-methanol solvent mixture added. A total of 3,800μL of Chromogen
was created by adding equal volumes of FTS Reagent 1 and FTS Reagent 2 in a test tube
and vortexing (50μL for each assay tube). Each test tube received 50μL of Chromogen,
was capped, vortexed, and kept at room temperature for five minutes. A 96-well plate
was made by transferring 500μL from each assay tube and standard into individual wells.
The plate was read at 500nm in a plate reader to determine the absorbance for each
sample. The absorbance of Standard A was subtracted from each well in the plate, plotted
in a standard curve in Microsoft Excel™, and used to determine the hydroperoxide values
of the sample tubes (HPST). This value, along with the volume of extract used for each
assay (250μL), and volume of the original sample used for extraction (400μL) was then
used to determine the hydroperoxide concentration in each larval sample in micromoles.
This value was then divided by the protein content of the specific larvae sample to
normalize the carbonyl content by the individual protein content (amol/μg).
Possible damage from ROS attack includes the oxidation of proteins due to an
increase in the incidence of binding. Using the Protein Carbonyl Fluorometric Assay Kit
(Cayman Chemical, Ann Harbor, MI, USA) the protein carbonyl content is determined
using a 1:1 binding of a fluorophore to the protein carbonyl of samples obtained in 2014.
The protein content for each sample of larvae was determined (see above for steps for
BCA Protein Assay Kit). Protein Carbonyl Fluorometric (PCF) Fluorophore was made by
resuspending the contents of the vial provided in 2mL of diluted sample buffer to yield a
1

The chloroform layer was not evident in some samples so all samples were centrifuged
for an additional 2 minutes at 1,000 x g.
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200μM solution. A clean vial was labeled for each sample and had 50μL of sample
supernatant and PCF Fluorophore added. Vials were then placed in the dark and
incubated overnight. After incubation, 400μL of trichloroacetic acid (TCA) solution was
added to each vial, vortexed, and incubated on ice for 10 minutes. Tubes were then
centrifuged at 10,000 x g for 10 minutes. The supernatant was decanted and 1mL of
acetone was added to each vial. Vials were vortexed to resuspend pellets and then
centrifuged at 10,000 RPM for 10 minutes. The supernatant was decanted and another
1mL of acetone was added, vortexed, and centrifuged. After the final wash, the
supernatant was decanted and vials were left open for one hour to allow them to
completely dry. After all the acetone had evaporated, 50μL of PCF Guanidine
Hydrochloride was added to each vial and incubated at room temperature for 10 minutes.
PCF Diluent (450μL) was added to each vial, which was then vortexed, and then
centrifuged at 10,000 RPM for 10 minutes to remove excess debris. Various quantities of
200nM Fluorophore and Diluted PCF Diluent were combined to prepare 8 standards. To
make the 200nM Fluorophore, 10μL of resuspended PCF Fluorophore was combined
with 999μL of diluted PCF diluents to yield a 2.0nM solution. The final 200nM standard
solution was created by combining 100μL of 2.0nM solution with 900μL of diluted PCF
diluent. The PCF diluent was prepared by adding 10mL of 1.0 M potassium phosphate
(pH 7.4) to 990mL HPLC-grade water. A white 96-well plate was created by adding
50μL of each sample and standard into individual wells. Fluorescence was read with an
excitation wavelength of 485nm and an omission wavelength of 530nm. The fluorescence
of Standard A was subtracted from each well in the plate, plotted in a standard curve in
Microsoft Excel™ and used to determine the protein carbonyl content (nM). This value
was divided by 1,000 and then divided by the protein content of the specific larvae
sample to normalize the carbonyl content by the individual protein content (fmol/μg).
Another methodology used to assess the damage occurred to the proteins is
through the use of the Protein Carbonyl Colorimetric Assay Kit (Cayman Chemical, Ann
Harbor, MI, USA). This kit uses the 2, 4-dinitrophenylhydrazine (DNPH) reaction to
measure the protein carbonyl content in each sample collected in 2015. Two different
microcentrifuge tubes were labeled for each sample and had 150μL of sample supernatant
added to each. One tube will be used as a sample tube, and the other will be used as a
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control. A solution of 2.5 M hydrochloric acid (HCl) was made by combing the provided
12 M HCl to 40 mL of HPLC-grade water. The provided vial of DNPH was dissolved in
10mL of 2.5 M HCl, after which 800μL of DNPH was added to each sample tube and
eight hundred microliters of 2.5 M HCl was added to each control tube. All tubes were
incubated in the dark at room temperature for one hour, with each sample being vortexed
every fifteen minutes. A 20% trichloroacetic acid (TCA) was made by combining the
provided vial of 1 g/mL TCA to 48 mL of HPLC-grade water. A 10% TCA solution was
then made by combining 20 mL of the 20% TCA with 20 mL of HPLC-grade water. 20%
TCA solution (1mL) was added to each tube, vortexed, placed on ice for five minutes,
and then centrifuged at 10,000 x g for 10 minutes. The resulting supernatant was
discarded and then pellets were resuspended in 1 mL of 10% TCA, vortexed, placed on
ice for five minutes, and centrifuged at 10,000 x g for 10 minutes. A 1:1 Ethanol/Ethyl
Acetate mixture was made by combining 30 mL of provided Ethanol with 30 mL of
provided Ethyl Acetate. The resulting supernatant was discarded and 1 mL of the 1:1
Ethanol/Ethyl Acetate mixture was added to each vial. Pellets were resuspended
manually, vortexed, and centrifuged at 10,000 x g for 10 minutes. The supernatant was
discarded and pellets were resuspended in 500μL of Guanidine Hydrochloride, vortexed,
and centrifuged at 10,000 x g for 10 minutes. A 96-well plate was made by adding 250μL
of each sample and control tube into individual wells. Absorbance was measured using a
microplate reader at a wavelength of 375nm. The Corrected Absorbance (CA) for each
sample was calculated by subtracting the absorbance of the control from the absorbance
of the corresponding sample. The Protein Carbonyl content (nmol/mL) was determined
for each sample by inserting the CA into the following equation [(CA)/(0.011 μM-1)](500
μL/ 150 μL). This value was then divided by the protein content of the specific larvae
sample to normalize the carbonyl content by the individual protein content (fmol/μg).
Catalase is an enzyme that is used to break down ROS into less harmful
substances. An increase in the upregulation of catalase in tissue is a counter measure to
combat the increase in harmful ROS present (Lesser 2006). Catalase levels were
determined using the Amplex Red Kit (Invitrogen, Eugene, OR, USA). Comparison
between control samples and those exposed to various turbidities allowed for
quantification of any damaging effects as a result of the treatments. A 10mM stock
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solution of Amplex Red reagent was prepared by dissolving 0.26mg of Amplex Red
reagent (Component A) in 100μL of dimethylsulfoxide (DMSO; Component B) and
stored, protected from light, at -20°C. To prepare the 1X working solution of Reaction
Buffer, 4mL of 5X Reaction Buffer stock solution (Component E) was added to 16mL of
deionized water (dH2O). A 100U/mL solution of horseradish peroxidase (HRP) was
prepared by dissolving the contents of the vial of HPR (Component C) in 200μL of 1X
Reaction Buffer (made previously). A 20mM hydrogen peroxide (H2O2) working solution
was made by diluting 23μL of the approximately 3% H2O2 stock solution (Component D)
with 977μL of dH2O. A 1000U/mL solution of catalase was made by dissolving the
contents of the vial of catalase (Component F) in 100μL of dH2O. To make the standards,
a 1U/mL catalase solution was made by combining 100μL of 10U/mL solution with
900μL of buffer. Combining 10μL of 1000U/mL with 990μL of buffer made an
additional catalase solution of 10U/mL. These solutions, along with 1X Reaction Buffer,
were used to make 6 standards. A 96-well microplate was made by adding 25μL of each
sample supernatant and standard into individual wells. A 40μM H2O2 solution was
prepared by combining 10μL of the 20mM H2O2 solution (made previously) to 4.99mL
1X Reaction Buffer. This solution was then added in 25μL increments to each well of the
microplate. The plate was incubated for 30 minutes at room temperature. A working
solution of 100μM Amplex Red reagent containing 0.4U/mL HRP was made by adding
50μL of the Amplex Red reagent stock solution to 4.93mL 1X Reaction Buffer (both
made previously). The working solution was added to each well in the microplate in
50μL increments and incubated, in the dark, for 30 minutes at 37°C. Absorbance was
measured using a microplate reader using excitation wavelength of 560nm and emission
detection at approximately 590nm. The absorbance of Standard A was subtracted from
each well in the plate, plotted in a standard curve in Microsoft Excel™, and used to
determine the catalase concentration in mU/mL. This value was divided by the protein
content of the specific larvae sample to normalize the catalase concentration by the
individual protein content (U/μg).
Larval Oxygen Consumption
Ten larvae from each Falcon® Tube (n = 11 replicates per treatment) were
removed and placed into a 5mL glass vial containing seawater. An initial reading was
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taken using a NEOFOX-GT system outfitted with a FOXY R 1000-micron oxygen
sensor, after which each vial was filled to the top with sweater, covered with a layer of
parafilm, and placed in a dark room for one hour. After dark-adaptation, another reading
was taken. Change in respiration was calculated by subtracting the final reading from the
initial. Values were converted and averaged across treatment to express the final
respiration in μm oxygen larvae-1 minute-1.
Settlement and Survivorship
Twenty five larvae from each Falcon® Tube (n = 11 replicates per treatment) were
removed and placed into a petri dish containing 90mL FSW and a ceramic tile, which
was on top of a stainless steel nut (size #6-32) to allow larvae to settle on the underside of
the tile. Tiles were conditioned at both an onshore and offshore coral nursery in Broward
County, Florida, for a year to accumulate a layer of biofilm on each tile, aiding in the
promotion of larval settlement in the lab. Larvae were given 24 hours to settle, after
which proportion of larvae/spat in each of the following categories was quantified: (1)
swimming larvae; (2) freely metamorphosed larvae; (3) settled and metamorphosed spat
on the top, sides, and bottom of the tile; (4) number of attached and not metamorphosed
spat to the top, sides, and bottom of the tile.
2.4 Experiment 2: Effects of sediment on larval settlement success
Treatment of P. astreoides larvae
To evaluate the effects of sediment on larval settlement success, two depths of
sediment layers were examined: a low treatment with a light, homogenous dusting of
sediment, and a high treatment with a uniform layer of sediment of 1mm in height. Both
fine (250μm and smaller), and coarse-grained (1.44mm and larger) sediment were used as
a comparison to elucidate if grain size has any effect. Aragonite tiles were conditioned at
both an onshore and an offshore coral nursery in Broward County, Florida, for a year to
accumulate a layer of biofilm and crustose coralline algae (a known settlement
facilitator). Tiles were placed in urine cups (Dynarex Specimen Cups), surrounded by
13.0 grams of sediment with a grain size of 2 mm and 110mL of FSW. This was done to
allow settlement only on the top of the tile and not expose the sides or bottom. Control
treatments had the top of the tiles exposed. Low treatments had 1.0 grams of coarse-
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grained or 0.75 grams of fine-grained sediment spread evenly over the top of the tile.
High treatments had 2.0 grams of coarse-grained or 1.5 grams of fine-sediment spread
over the top of the tile. Twenty-five larvae were added to each treatment (n = 10
replicates per treatment for both coarse- and fine-grained sediment). Larvae were given
48 hours to settle.
Settlement and Survivorship
After 48 hours, the proportion of larvae in the following categories were
quantified: (1) swimming larvae; (2) freely metamorphosed larvae; (3) settled and
metamorphosed spat on the top, sides, and bottom of the tile; (4) number of attached and
not metamorphosed spat to the top, sides, and bottom of the tile; (5) settled and
metamorphose spat on the sediment on top of the tile; and (6) settled and metamorphose
spat in the sediment surrounding the tile.
2.5 Experiment 3: Effects of sediment on spat survival
Treatment of P. astreoides larvae
The effect of varying levels of sediment accumulation on the survival of newly
settled spat was evaluated using: a low treatment with a light, homogenous dusting of
sediment and a high treatment with a uniform layer of sediment of 1mm in height. Both
fine (250μm and smaller) and coarse-grained (1.44mm and larger) sediment were used as
a comparison to elucidate if grain size has any effect. Aragonite tiles were placed into a
petri dish containing 90 mL FSW and an aragonite tile on top of a stainless steel nut (size
#6-32) to allow larvae to settle on the underside of the tile. Thirty larvae were added to
each petri dish and given 24 hours to settle (n = 10 per treatment for both coarse- and
fine-grained sediment). Tiles were then scored for the total number of spat settled and
metamorphose on either the top or bottom of the tile. The side (top or bottom) that had
the higher total number of spat was mapped and photographed to fate-track each spat.
Tiles were placed in urine cups (Dynarex Specimen cups) with 110 mL FSW and covered
with sediment specific to the grain size and treatment. No sediment was added to the
controls. Low treatments had 1.0 gram of coarse-grained or 0.75 grams of fine-grained
sediment spread evenly over the settled spat, while high treatments had 2.0 grams of
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coarse-grained or 1.50 grams of fine-sediment. Spat were exposed to sediment
accumulation for 48 hours.
Survivorship and Damage
After 48 hours, the sediment was gently shaken off and the remaining spat were
mapped and photographed. Tiles were scored for the following criteria: (1) number of
spat remaining after exposure, (2) number of damaged / discolored spat, and (3) number
of missing spat. Photographs taken before and after sediment exposure were compared to
ensure spat were not missed during scoring.
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2.6 Statistical Analysis
The software program JMP 12© was used to determine statistical significance
within the data. Proportion data were arcsine transformed before statistical analysis was
done. These data were tested to ensure they met the assumptions of an ANOVA by
testing for normality using the Shapiro-Wilk test and homogeneity of variances using
Levene’s test. Afterwards the data were analyzed using one-way or two-way ANOVAs
and ANCOVAs. If statistical significance (p < 0.05) was found a Tukey’s Post Hoc
analysis was performed. When data sets were
not normal, based on the Shapiro-Wilk test) a
Wilcoxon (2 samples) or Kruskal-Wallis (>2
samples) test was run.
2.7 Results
Experiment 1: Larval Physiology and
Settlement
Sub-lethal stress within larvae of P.
astreoides was examined after 24-hours of
exposure to varying turbidity treatments. No
significant difference in quantum yield of
fluorescence (2-way ANOVA, F[4,115] = 0.83,
p>0.05, Figure 2.1a), density of the
Symbiodinium or oxygen consumption were
observed (Kruskal-Wallis, p>0.05, Figure 5.1,
5.2). Overall, catalase activity was found to be
significantly higher across all treatments in 2015
compared to 2014 (2-way ANOVA, F[4,35] =
174.72, p<0.0001, Figure 2.1b). No significant
differences in hydroperoxide concentration were
seen within 2014, 2015 or between the two
years (2-way ANOVA, F[4,35] = 1.04, p>0.05,
Figure 2.1c). Carbonyl content was found to be

Figure 2.1: Physiological response of larvae
from P. astreoides to turbidity exposure. A)
quantum yield of fluorescence, B) catalase
activity, C) hydroperoxide concentration, D)
carbonyl content. Bars represent ± standard error.
n = 21 for all treatments in a and n = 10 for all
treatments in b, c, and d.
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significantly higher in 2015 compared to 2014 (2-way ANOVA, F[4,35] = 54.38,
p<0.0001, Figure 2.1d). In 2015, larvae in both the control and high sedimentation
exposure treatments contained significantly higher levels of carbonyl than those in the
low and moderate treatments (2-way ANOVA, F[4,35] = 54.38, p=0.0048, Figure 2.1d).
The increases in both catalase activity and carbonyl content from 2014 to 2015 could
possibly be due to in an increase in sea surface temperatures (SSTs) experienced in July
and August in the years previous to larval collection (Figure 2.5). Increases in carbonyl
content could also be due to changes in the assay kit used to in 2014 and 2015. The
manufacturer discontinued the kit used in 2014 and a different kit, not utilizing a
fluorescent marker, was used in 2015.
After turbidity exposure and a 24-hour settlement period, settlement success was
examined and compared to an additional control treatment with larvae that were not
exposed to a shaker. Significant differences were seen in the proportion of larvae (2-way
ANOVA, F[5,104] = 9.25, p<0.0001, Figure 2.2). No significant differences were seen in
total settlement (Kruskal-Wallis, p>0.05, Figure 2.2). However, individuals not exposed
to a shaker had a significantly higher proportion of combined swimming and freely

Figure 2.2: Proportion of P. astreoides larvae that successfully settled or were found to be swimming
or freely metamorphosed after 24-hours of turbidity exposure. Bars represent ± one standard error. The
same letters above the bars indicate means that are not significantly different as determined by a
Tukey’s post hoc test. n = 11 for all sedimentation exposure treatments.
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metamorphose larvae than all treatments exposed to turbidity (ANOVA, F[4,50] = 9.31,
p<0.0001, Figure 2.2). This suggests that larval mortality was higher after being exposed
to a physical stressor (the test tube shaker) ultimately showing that a better methodology
for simulating abrasion of larvae within the water column is needed for future
experiments.
Experiment 2: Larval Settlement Deterrence
To evaluate the effects of sediment accumulation on settlement success, larvae
were introduced to tiles with varying layers of sediment accumulated over them. After the
fine- or coarse- grain sediment layer was removed from the top of the tile, successful spat
settlement was examined. The proportion of spat successfully settling differed
significantly between sediment layers (2-way ANOVA, F[5,54] = 24.89, p < 0.0001,
Figure 2.3). The control treatments had significantly higher settlement compared to the
low and high treatments, with no further significance being seen within sediment layers
(ANOVA, Kruskal-Wallis, p>0.05, Figure 2.3). Sediment type did not have a significant
effect on the overall settlement success of the larvae (2-way ANOVA, F[5,54] = 24.89,
p>0.05, Figure 2.3). Overall, settlement was deterred despite the sediment type due to a
physical barrier created by the sediment or a disruption of the chemical cues from the
biofilm layer.

Figure 2.3: Proportion settled P. astreoides spat after exposure to various
layers of fine- or coarse-grained sediment as a settlement deterrent. Bars
represent ± one standard error. The same letters above the bars indicate
means that are not significantly different as determined by a Tukey’s post
hoc test. n = 10 for all sedimentation exposure treatments.
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Experiment 3: Spat survival after smothering
Settled spat were exposed to smothering with varying layers of fine- or coarsegrained sediment to examine survival success. Survival of smothered spat may have been
influenced by differences in the initial number of settled spat on each tile, and by the
different sediment treatments. For spat smothered with fine-grained sediment no
significant effects were found (ANCOVA, df = 2, F = 1.85, p > 0.05, Table 2). However,
significance was observed for those spat smothered with coarse-grained sediment and
showed that the different treatments of coarse-grained sediment did have an effect on spat
survival, while the initial number of settled spat did not (ANCOVA, df = 2, F = 12.03, p
= 0.0002, Table 2). The condition of spat was visually examined before and after
exposure. Spat deemed “healthy” had no changes to coloration or shape, while those that
were “damaged” were discolored, or had pieces of their polyp missing after exposure.
More healthy spat were found compared to damaged spat in all treatments smothered
with fine-grained sediment (2-way ANOVA, F[5,54] = 528.09, p<0.0001, Figure 5.3,
5.4).

Figure 2.4: Effect of smothering with varying layers of fine- or coarsegrained sediment on the proportion survival of newly settled P. astreoides
spat. Bars represent ± one standard error. The same letters above bars indicate
means that are not significantly different as determined by a Tukey’s post hoc
test. n = 10 for all treatments.
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In treatments smothered with coarse-grained sediment, significant differences
were seen among the healthy spat, with the high exposure treatments having significantly
lower proportions compared to the control or low treatments (2-way ANOVA, F[5,54] =
57.75, p<0.0001, Figure 5.3). The different sediment treatments and grain-sizes had a
significant effect on the survival of the settled spat (2-way ANOVA, F[5,54] = 13.34,
p<0.0001, Figure 2.4). Treatments with fine-grained sediment had a significantly higher
survival compared to coarse-grained, with exposure to coarse-grained sediment leading to
significant decreases in survival (2-way ANOVA, F[5,54] = 13.34, p=0.0008, Figure
2.4). Overall, spat smothering with a high level of coarse-grained sediment had the lowest
survival (2-way ANOVA, F[5,54] = 13.34, p=0.0008, Figure 2.4).
Table 2: ANCOVA results of the proportion of settled larvae vs. the proportion that
survived after smothering with a layer of fine- or coarse-grained sediment. This was used
to test differences in survival as a function of number of initial settlers and sediment
exposure treatments. The dependent variable is the proportion survival (arcsine
transformed). The model consists of sediment exposure (fine- or coarse-grained) as the
main effect, with the proportion of initial settled larvae (arcsine transformed) as the
covariate.
Sediment Type
Fine-Grained

Source
Treatment
Settled Larvae
Error
Total

df
2
1
26
29

Type III SS
0.026
0.0002
0.184
0.211

ms
0.026
0.0002
0.184
0.211

F
1.85
0.03
1.24

P
0.1772
0.8601
0.3168

Coarse-Grained

Treatment
Settled Larvae
Error
Total

2
1
26
29

1.251
0.003
1.352
2.627

1.251
0.003
1.352
2.627

12.03
0.08
8.17

0.0002
0.7838
0.0005
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Figure 2.5: Average sea surface temperature from the NOAA Nation Data Buoy Center Station PKYF1
(Peterson Key, FL). Data retrieved from http://www.ndbc.noaa.gov/station_page.php?station=PKYF1.
Red boxes highlight months of increased sea surface temperature in July and August prior to larval
collection. Red arrows indicate when larvae were collected for experiments.

2.8 Discussion
In this study we have demonstrated that larval physiology, settlement success, and
spat survival are significantly affected by increases in sedimentation. Larvae are a critical
life history stage in the successful recruitment and survival of coral species, but are
vulnerable to abiotic and biotic stressors (Ritson-Williams et al. 2009). In these
experiments, I specifically tested how increases in an anthropogenic stressor,
sedimentation, would affect this life history stage. Larvae exposed to varying levels of
turbidity showed no significant decrease in settlement success or the photosynthetic
efficiency and density of the symbiotic zooxanthellae. However, sub-lethal stress was
observed as seen by the increase in catalase activity and carbonyl content. The presence
of a layer of both fine- and coarse- grained sediment reduced larval settlement success,
spat survival, and the overall visible health of the settled spat. Taken together, even brief
interactions of sedimentation in the water column or on the benthos at early life history
stages will reduce the likelihood of successful recruitment.
The effects of turbidity increases on the photosynthetic capabilities of symbiotic
zooxanthellae have rarely been tested with coral larvae. While it was beyond the scope of
my study, previous studies have found that fragments of Porites astreoides (containing
Symbiodinium clade A4) are more tolerant of both light- and thermally-induced bleaching,
compared to Orbicella (previously Montastraea) faveolata fragments (containing
Symbiodinium clades B1, B17, and C7; Hennige et al. 2011). As a result of the light- and
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thermal stress, Symbiodinium of P. astreoides exhibited higher photo-repair rates and
ultimately had reduced rates of net photoinhibition (Hennige et al. 2011). From this
experiment, Hennige et al. (2011) concluded that the intraspecific variability of the
Symbiodinium had played a role in their susceptibility to light- and thermally-induced
bleaching, highlighting the genotypic differences in tolerance between the Symbiodinium
species. Ross et al. (2012) observed similar results when exposing larvae of P. astreoides
to thermal stress treatments. Both my study and those conducted by Ross et al. (2012)
used larvae from P. astreoides colonies collected within the Florida Keys. Colonies from
this location have previously been found to contain Symbiodinium from the clade A4
(LaJeunesse 2002). Ross et al. (2012) observed no significant effect on quantum yield of
fluorescence or Symbiodinium density. This further highlights the tolerance of this A4
genotype to abiotic stressors. The lack of significance in both quantum yield of
fluorescence and concentration of Symbiodinium in my study further supports the
potential tolerance of the A4 genotype to abiotic stressors, however more research is
needed to further validate this.
The cellular response of larvae to increases in turbidity was quantified by
measuring oxidative injury and repair within the larval tissue (hydroperoxide
concentration, carbonyl content, and catalase activity). Treatments exposing larvae to
elevated turbidities did not have a significant effect on the hydroperoxide concentration
levels, showing no significant impact on the integrity of the lipids within the larvae.
Conversely, larvae exposed in 2015 had significant increases in the levels of both
carbonyl content and catalase activity found within their tissues, when compared to
larvae exposed in 2014. Elevated levels of carbonyl content are directly related to
increases in damage to different proteins and amino acid building blocks, building up in
the cell leading to further damage or bleaching (Davies 1987; Dean et al. 1993). The
significant difference between years shows an inter-annual variability in larval
susceptibility to turbidity stress. During July and August of 2014 and 2015, sea surface
temperatures throughout the Florida Keys increased (Figure 2.5; Kuffner et al. 2015).
This was also coupled with an increase in temperatures during larval collection in both
years, possibly impacting the quality of the larvae. This could explain the increased
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susceptibility of larvae in 2015 to turbidity stress compared to those in 2014, as previous
studies have demonstrated the negative effects of increasing temperatures on coral larvae
(Bassim and Sammarco 2003; Nozawa and Harrison 2007; Randall and Szmant 2009).
Another explanation of the inter-annual differences in carbonyl content could be the
different assay kits used in 2014 and 2015 to measure this biomarker. Larvae of P.
astreoides showed an upregulation in catalase activity, demonstrating an ability to
directly cope with oxidative stress. This response has not been examined in cnidarian
systems when looking at stress from turbidity exposure. However, when faced with
instances of increased thermal stress similar trends were seen (Ross et al. 2012; Griffin et
al. 2006; Merle et al. 2007; Rodriguez-Lanetty 2009; Polato et al. 2010; Voolstra et al.
2009). Despite evidence of sub-lethal stress from turbidity treatments, no significant
effect was seen on larval survival or settlement success. These results suggest that larvae
of P. astreoides have physiological mechanisms that may allow them to cope with shortterm turbidity stress, ultimately allowing them to proceed with critical life-history stages
such as settlement and metamorphosis. While this study shows that short-term (24 hour)
exposure to turbidity and suspended sediments, within the legal 29-NTU limit, does not
have a significant impact on the oxidative stress within the larvae, a longer exposure or
higher intensity of turbidity or suspended sediments, may be more harmful to the
physiological health and subsequent critical life-history stages of the larvae.
Settlement and survival of juveniles are key components of recruitment, which in
turn is crucial to the perseverance of coral populations (Babcock and Smith 2000). While
thriving reefs are found in turbid conditions their coral assemblages tend to differ in
composition from those on reefs exposed to lower levels of suspended sediments and
turbidity (Bull 1982; Done 1982). Past studies have shown that coral larvae do not settle
on areas of unconsolidated sediment (sand), limiting their settlement success in areas of
high sediment accumulation (Harrigan 1972; Harriott 1983; Sato 1985). In this study,
larval settlement success was significantly decreased by the presence of both a fine- or
coarse-grained sediment layer. No significance was seen between the different grain sizes
used, showing that sediment accumulation in general deters coral settlement, possibly due
to a physical barrier created by the sediment or a lack of chemical cues. Fluctuations in
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the sediment composition of a reef ecosystem occur naturally throughout the year,
however, during times of dredging or beach nourishment activity levels of sediment
accumulation and turbidity reach higher-than-natural levels (Jones et al. 2015). Larvae
can be inhibited from settlement in an area of high sediment accumulation due to lack of
chemosensory cues or surface texture (Goreau et al. 1981; Hadfield 1986; Hixon and
Brostoff 1985). Gilmour (1999) found similar results, showing that increased layers of
accumulated sediment as well as increased suspended sediments lead to decreases in
fertilization success, larval survival, and larval settlement in Acropora digitifera. Overall
the results from this current study indicate that even relatively small levels of sediment
accumulation (either fine- or coarse-grained) have negative impacts on coral recruitment
and future ecosystem success.
Mortality is assumed to be highest in the first few months to years postsettlement, a time when new recruits are critical for establishing future adult colony
abundance (Trapon et al. 2013). Sedimentation tolerance rates in coral recruits have been
found to be an order of magnitude less compared to their adult counterparts (Fabricius
2005). While studies have shown that sediment accumulation inhibits growth and
photosynthesis in adult colonies (Erftemeijer et al. 2012), few studies have looked at the
impact of smothering on newly settled spat. Here, after 40-hours of smothering it was
found that layers of coarse-grained sediment had a more significant effect on the visual
health and survival of the spat. Smothering with different layers of fine-grained sediment
did not lead to significant damage or mortality among the control, low, or high
treatments. However, smothering with a low or high level of coarse-grained sediment led
to a decreased proportion of healthy spat, compared to the control. Overall, survival was
also seen to be significantly lower in low and high treatments of coarse-grained sediment.
Settlement of suspended particles occurs as sediment plumes are advected away from a
dredging site, with those particles that are heavier (coarse-grained) settling out at a faster
speed than lighter (fine-grained) particles (Jones et al. 2015). This deposition of coarsergrained particles as dredging occurs could lead to increases in spat mortality if coinciding
with summer months when the release of coral larvae from both brooding and spawning
species occurs.
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2.10 Conclusion
Dredging and beach nourishment events have been shown to cause irreversible
damage to coral ecosystems and the species that inhabit them. Here we demonstrated the
adverse effects of turbidity, presence of a sediment layer, and smothering on larvae of the
coral Porites astreoides. The overall effects of this study were oxidative damage and
repair in newly released larvae, settlement deterrence due to the presence of a sediment
layer, visual damaged, and decreased survival in newly settled spat due to smothering
with coarse-grained sediment. Coral species throughout the worlds reef systems release
larvae during spawning or brooding events at multiple times throughout the year. As
these events are imperative to the survival and future growth of a species, any damage
during this time can be detrimental. As this study was only examining short-term
stressors and dredging activities are commonly long-term activities, additional studies
examining more long-term impacts on these critical life-history stages are needed.
Oxidative damage occurring within the coral holobiont is a main cause of mortality in
adults, juveniles, and newly settled spat. Further research examining these pathways and
the direct impacts they have on the fitness and future survival of coral reefs is warranted.
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MEASURING OXIDATIVE STRESS AND RECOVERY POTENTIAL FROM
SEDIMENT ACCUMULATION IN MONTASTRAEA CAVERNOSA AND PORITES
ASTREOIDES CORALS
3.1 Introduction
Reef-building corals are ecosystem engineers. They are capable of constructing
and maintaining the foundation of an enormous system that promotes biodiversity and
provides humane services benefiting societies worldwide (Barbier et al. 2011). While the
benefits from these ecosystems are known, they face increasing threat from a multitude of
global and regional stressors (Hoegh-Guldberg et al. 2007). With global sea surface
temperatures projected to rise 2 – 4°C by the year 2100, reefs are in danger of
intensifications in the frequency and intensity of storms, bleaching events, and disease
outbreaks (Cesar et al. 2003; IPCC 2007; Donner 2009; IPCC 2013: Summary for
Policymakers). Increasing levels of anthropogenic CO2 in the atmosphere has caused a
marked decrease in oceanic pH (Raven et al. 2005). As a result of this pH decline, the
capability of scleractinian corals to successfully generate their calcium carbonate skeleton
could be inhibited (Raven et al. 2005). Regional scale stressors such as drilling, dredging,
runoff, coastal and upstream deforestation, and eutrophication pose direct harm to
adjacent coral reef communities, with the direct effects varying by location and intensity
of the stressor (Babcock and Smith 2000; Vargas-Angel et al. 2006).
The coral barrier reef system of Southeast Florida is the only living system
remaining in the continental United States and the third largest in the world (NOAA
2013). Unfortunately, this system lays adjacent to a highly populated coastline
undergoing frequent large-scale dredging and beach nourishment projects. As a result of
the close proximity to the coastline, increases in accumulated and suspended sediments
throughout reef environments, has become one of the largest sources of reef decline
throughout the Southeast Florida and Caribbean regions (Johannes 1975; Dahl 1985;
Rogers 1983). Large-scale dredging projects, such as the Miami Deep Dredge (Florida,
USA), pose a direct threat to the local reef systems, as the impacts have the potential to
have a wider range due to the increase scale and extended project duration (Barnes et al.
2015). Changes in turbidity (composition of suspended sediments), are constantly
fluctuating in coastal areas due to the influence of tides, winds, rainfall, and extreme
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weather events (storms). These changes occur on a short time scale (hours to minutes),
and low intensity (Barnes et al. 2015). However, during dredging or beach nourishment
project turbidity changes can occur on a wider and longer time scale, with turbidity
plumes lasting days or months (Barnes et al. 2015). Throughout the Miami Deep Dredge
Project large turbidity plumes were seen beginning in October 2013 and lasting through
April 2015, with plume frequency ranging from 34 to 84% after dredging activities began
(Barnes et al. 2015). These plume sediments have been shown to settle out rapidly
(Bokuniewicz and Gordon 1980), exposing reef environments to high levels of sediment
accumulation (FDEP 2014).
Scleractinian corals provide the framework for the immense reef ecosystems
throughout the world’s oceans. They provide protection and are reliant on sea grass beds
and mangroves (Gattuso and Hansson 2011). Both of these ecosystems are rich in
biodiversity and are common nursery systems for juvenile coral reef fish (Gattuso and
Hansson 2011). Coral reefs provide support for a range of species and neighboring
habitats. Their population densities and overall health is a limiting factor for the survival
of higher trophic organisms, as they are the major source of nutrients and shelter in
oligotrophic near shore waters (Cury et al. 2003). Successful brooding (as in Porites
astreoides) or spawning (as in Montastraea cavernosa) supplies new individuals to a
reef; helping to maintains reef diversity and replenishes populations (Ritson-Williams et
al. 2009). Despite the importance of these ecosystems, Cesar et al. (2003) estimated that
at the current rate of destruction over 60% of all reefs will be completely destroyed
within the next 30 years.
Accumulated sediment can affect corals lifecycle through 1) increasing mortality
from smothering or complete burial, 2) decreasing adult colony growth via abrasion and
shading, 3) decreasing photosynthetic activity increasing respiration, and 4) significantly
reducing larvae production, settlement, and survival (Nugues and Roberts 2003). Events
after dredging, beach nourishment activities can expose coral communities to fine
nutrient-rich sediments, that, when accumulated in high amounts on top of living coral
tissue, can lead to bleaching or complete tissue necrosis (Weber et al. 2006). These
deleterious effects can be due to the combined effect of smothering and microbial action
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on the healthy tissue (Bak and Elgershuizen 1976; Bak 1978; Rogers 1983; Hodgson
1990; Rogers 1990). More moderate levels of accumulation can lead to increases in
respiration of the coral host, while simultaneously leading to decreases in the quantum
yield of fluorescence of the in-hospite Symbiodinium, through reductions in available
light for photosynthesis (Hubbard and Scaturo 1985; Kendall et al. 1985; Tomascik and
Sander 1985; Abdel-Salam and Porter 1988; Riegl and Branch 1995; Rogers 1990).
Sediment accumulation can also lead to production of reactive oxygen species (ROS)
within the Symbiodinium (Lesser 1996), which can buildup and lead to harm of proteins,
lipids, nucleic acids, and potential bleaching (Halliwell 2006; Weis 2008). Corals are able
to remove sediments from their surfaces, through both active and passive mechanisms, in
an attempt to decrease these damaging effects (Erftemeijer et al. 2012). These
mechanisms however, require additional energy expenditure, that further decreases the
fitness of the coral colony through limitation of resources otherwise needed for food
capture, growth, tissue repair, and reproduction (Hubbard and Pocock 1972; Dodge and
Vaisnys 1977; Bak 1978; Kendall et al. 1985; Meesters et al. 1992).
As the frequency and size of dredging and port construction projects increases, a
more thorough understanding of the physiological response and recovery potential of
damaged corals is warranted. To examine these, experiments using adult colonies of the
corals Montastraea cavernosa and Porites astreoides were conducted. These species are
common reef-building corals found throughout the Caribbean region and the reef systems
of Southeast Florida (Aronson et al. 2008). By studying the response of these adult
colonies we aim to determine: 1) if sediment accumulation affected the physiology of the
in-hospite Symbiodinium, 2) if sediment accumulation induced oxidative stress, 3) if
sediment accumulation increased tissue mortality, and 4) if sediment accumulation
decreased the recovery potential of damaged tissue. The results of this study will increase
our knowledge of the impacts of a growing regional stressor that is common along
coastlines. This information, once obtained, could be used to aide in mitigation and
planning of future coastal construction projects, potentially lessoning the impact on
environments endemic to Southeast Florida waters. It may also aide in determining if
either of these species is potentially resilient to this growing stressor.
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3.2 Methods
Collection of Adult M. cavernosa and P. astreoides Colonies
On August 11, 2014, six colonies of P. astreoides were collected from BCA (N
26 °08.988’; W -80° 05.808’) and Scooter (N 26° 10.368’; W -80° 05.370’), and six
colonies of M. cavernosa were collected from BC1 (N 26° 08.874’; W -80° 05.754’),
Broward County, Florida. Colonies were removed using a hammer and chisel and
submerged in coolers to be transported back to Nova Southeastern University’s
Oceanographic Center. Colonies were placed in the onshore nursery for an acclimation
period of one week prior to fragmentation and experimental treatments.
On May 21, 2015, six colonies of P. astreoides and M. cavernosa were collected
form BCA (N 26 °08.988’; W -80° 05.808’) Broward County, Florida. Colonies were
removed using a hammer and chisel, wrapped in bubble wrap and placed in coolers to be
transported back to Nova Southeastern University’s Oceanographic Center. Colonies
were placed in the inshore nursery for an acclimation period of 18 days prior to
fragmentation and experimental treatments. Adult colonies were measured (length, width,
height) and a tissue sample was taken and placed in chaos for later genetic analysis.
Treatment of Adult P. astreoides Colonies
Each colony was segmented into four fragments (total of 24 fragments) using a
tile saw and returned to the nursery tank for an additional period of acclimation. All
fragments were measured for length, width, and height and assigned to a treatment
condition. Fragments were exposed to three sediment regimes based upon natural levels
of sediment accumulation, to elucidate the effects of increased sedimentation on the
survival and physiology of the adult colonies. Sediment was quantified at 12 sites
throughout Broward County, Florida across all reef types, and was determined to be an
average accumulation of 1.0 cm (equal to ~1.0 grams; Rushmore unpublished data).
Sediment was collected from the same reef environments as adult colonies, dried, and
had all grains larger than a size of 4 mm removed to maintain a uniform sediment
composition. Treatments were determined based on the dry weight of the sediment and
what would be a large enough amount to elicit a response in the fragments but not cause
complete colony mortality. Control fragments received no sediment exposure, low-
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exposure fragments received 7.0 grams, moderate-exposure fragments received 9.0
grams, and high-exposure fragments received 12.0 grams. Sediment was spread evenly
over the surface of each colony for uniform exposure. Treatment conditions consisted of
a 2.5-gallon aquaria filled with water from the NSUOC nursery, an air stone, and a single
coral fragment (n = 6 replicates per treatment). Temperatures were maintained at a
constant 25°C by use of a temperature probe attached to a chiller system. Fragments from
each parent colony were kept in the same chiller tank, placed in separate aquaria, and
assigned a treatment condition from above. Fragments were given 24 hours to acclimate
after being placed into the aquaria. After 24 hours, sediment was added to each colony.
Colonies were checked each morning and evening for signs of sediment removal or
fouling of water. Images of each fragment were taken and analyzed using the computer
software IMAGE J® for an analysis of fragment survival. After 72 hours of sediment
exposure each fragment was removed from its aquaria, cleared of all sediment,
photographed and had a 0.78-cm tissue sample taken. This sample was then placed in an 80°C freezer for later oxidative stress analysis. The aquaria were rinsed clean and filled
with new water. Additional treatments (n = 6 replicates per treatment) were run a year
later with fragments being placed in an aquarium containing a fragment of M. cavernosa
receiving the same type of sediment exposure. Adjustments were made to the amount of
sediment added with control fragments receiving no sediment, low-exposure fragments
received 12 grams, moderate-exposure fragments received 15 grams, and high-exposure
fragments received 20 grams (Table 3). After 72 hours of exposure a 0.48-cm tissue
sample was taken.

47

Table 3: Average depth of sediment (mm) ± one standard error added to each fragment
of Porites astreoides during exposure. Average depth of sediment for each treatment
included.

Treatment
Low

Fragment
1
2
3
4
5
6
Average

Sediment Depth (mm) ± SE
0.07 ± 0.02
0.08 ± 0.02
0.08 ± 0.02
0.07 ± 0.02
0.05 ± 0.00
0.07 ± 0.02
0.07 ± 0.01

Moderate

1
2
3
4
5
6
Average

0.08 ± 0.02
0.10 ± 0.00
0.13 ± 0.03
0.23 ± 0.03
0.20 ± 0.06
0.13 ± 0.03
0.15 ± 0.02

High

1
2
3
4
5
6
Average

0.17 ± 0.03
0.30 ± 0.00
0.33 ± 0.03
0.43 ± 0.03
0.23 ± 0.03
0.27 ± 0.03
0.29 ± 0.02

Treatment of Adult M. cavernosa Colonies
Each colony was segmented into four fragments (a total of 24 fragments) using a
tile saw and returned to the nursery tank for additional acclimation. All fragments were
measured for length, width, and height and assigned to a treatment condition. Treatment
conditions were the same as with P. astreoides, with sediment being added to each
colony after a 24-hour acclimation period. Colonies were checked each morning and
evening for signs of sediment rejection or fouling of water. After 24 hours of exposure,
fragments had removed enough sediment to warrant another dosing. All remaining
sediment was removed from each fragment and reapplied. Another 24 hours later, the
same process was repeated resulting in three sets of sediment additions occurring every
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24 hours for a total of 72 hours. After 72 hours of sediment exposure, each fragment was
removed from its aquaria, cleared of all sediment, photographed and had a 0.78-cm tissue
sample taken. This sample was then placed in a -80°C freezer for later oxidative stress
analysis. The aquaria were rinsed clean and filled with new water. Additional treatments
(n = 6 replicates per treatment) were run a year later with fragments being placed in an
aquarium containing a fragment of P. astreoides receiving the same type of sediment
exposure. Adjustments were made to the amount of sediment added with control
fragments receiving no sediment, low-exposure fragments received 50 grams, moderateexposure fragments received 75 grams, and high-exposure fragments received 100 grams
(Table 4). Due to the increases in sediment added only a single dosing was needed. After
72 hours of exposure a 0.48-cm tissue sample was taken.
Table 4: Average depth of sediment (mm) ± one standard error added to each fragment
of Montastraea cavernosa during exposure. Average depth of sediment for each
treatment included.
Treatment
Low

Fragment
1
2
3
4
5
6
Average

Sediment Depth (mm) ± SE
0.13 ± 0.03
0.10 ± 0.00
0.17 ± 0.03
0.17 ± 0.03
0.20 ± 0.06
0.13 ± 0.03
0.15 ± 0.01

Moderate

1
2
3
4
5
6
Average

0.20 ± 0.00
0.17 ± 0.03
0.33 ± 0.03
0.33 ± 0.03
0.27 ± 0.03
0.27 ± 0.03
0.26 ± 0.02

High

1
2
3
4
5
6
Average

0.50 ± 0.00
0.43 ± 0.07
0.47 ± 0.03
0.53 ± 0.03
0.47 ± 0.03
0.53 ± 0.03
0.49 ± 0.02

49

Monitoring Photosynthesis in Adult Fragments
August 2014
Recovery was monitored every 24 hours for 72 hours after sediment removal
using pulse-amplitude modulated fluorometry (PAM). Changes in the dark-adapted
maximum-quantum yield (MQY; FV/FM = (FM-FO)/FM’) of photosystem II were assessed.
Each fragment was placed in an individual mixing bowl, covered with aluminum foil, and
placed in a darkroom for 30 minutes. Measurements took place in the darkroom utilizing
a headlamp with a red filter on it. If the fragments had both healthy and bleached tissue,
three measurements of each area were taken, for a total of six measurements per
fragment. If the fragments had only healthy tissue, only three measurements were taken.
Maximum-quantum yields for each fragment and condition were averaged for each day
and expressed in a time series to show any changes or recovery throughout the 72 hours.
May 2015
Before addition of sediment, photosynthetic efficiency was monitored in each
fragment for five days to obtain a baseline for comparison with levels after sediment
exposure. Pulse-amplitude modulated fluorometry (PAM) was used to monitor changes
in the maximum-quantum yield (MQY; FV/FM = (FM-FO)/FM’) of photosystem II.
Measurements took place twice daily at dawn and dusk over a period of five days and
consisted of three measurements over the surface of each fragment separated by a
minimum distance of 3 cm (Alyson Kuba, personal communication). Measurements
occurred over a 40-minute window, beginning 20 minutes before dawn/dusk and ending
20 minutes after. After the initial monitoring of photosynthesis was complete, fragments
were exposed to the different sediment treatments as described above. Recovery
monitoring began immediately after sediment was removed from the fragments and
continued at dawn and dusk for an additional five days. Measurements were averaged and
graphed according to time of day (dawn, dusk) and date taken. They were organized by
species and then treatment condition of each fragment with both baseline and recovery
measurements to see any trends.
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Oxidative Stress Assays
Frozen tissue samples (n = 18 per treatment per species) were transported to the
University of North Florida where they were thawed to room temperature and extracted
in 1000μL of buffer (50 mM potassium phosphate buffer [pH 7.0] containing 10 % [w/v]
polyvinylpolypyrrolidone [PVP]-40, 0.25 % Triton X-100 and 1 % [v/v] plant cell
protease inhibitor cocktail [Sigma-Aldrich, St. Louis, MO, USA]). Two beads were
placed in each tube, after which the tissue was homogenized for 40 seconds in a Fast Prep
24 bead homogenizer (MP Biomedicals, Irvine, CA, USA) and then centrifuged for 15
minutes at 10,000 x g. The resulting supernatants were used to run the same stress assays
as outline previously in Chapter 2, Experiment 1 with minor adjustments2
Fragment Survival
Images of each fragment taken directly after sediment removal were analyzed
using the computer software IMAGE J® to determine fragment survival. In August 2014,
analysis consisted only of fragments from P. astreoides, as the levels of sediment
accumulation did not result in visual changes in tissue health of M. cavernosa fragments.
In May 2015, analysis of images from both species occurred as sediment levels were
increased and visual changes were seen in both species. A scale for each image was set
utilizing the straight-line tool and either the known height or width of the fragment or the
ruler found adjacent to the fragment. The surface area of each fragment was measured in
duplicate using the tracing tool. After setting the scale, any bleached areas in the image
2

Porites astreoides Control Sample #6 had too much protein and no reading was
obtained during the initial plate reading. 25μL was placed in a test tube with 50μL of
dH2O (diluted by 1/3). 25μL of this was placed in the microplate with 200μL of working
reagent, incubated for 30 minutes at 37°C and read on the microplate reader to obtain a
new absorbance, which was then multiplied by three to correct for the 1/3 dilution factor.
When analyzing Lipid Hydroperoxide the hydroperoxide values of the sample tubes
(HPST) were used, along with the volume of extract used for each assay (500μL), and
volume of the original sample was used for extraction (100μL) to determine the
hydroperoxide concentration in each larvae sample in micromoles.
When analyzing Protein Carbonylation using the Protein Carbonylation Colorimetric
Assay Kit 200 μL of sample supernatant was added to each sample and control
microcentrifuge tube. The equation used to determine Protein Carbonyl Content was also
adjusted to [(CA)/(0.011 μM-1)](500 μL/ 200 μL).
51

were traced in duplicate and averaged together. Dividing the surface area of bleached
skeleton by the total surface area of the fragment and subtracting the value from one
calculated the proportion of surviving colony (Olsen et al. 2014). Proportions for each
treatment were averaged together to show the average proportion of surviving colony per
treatment.
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3.3 Statistical Analysis
The software program JMP 12© was used to
determine statistical significance within the data.
Proportion data were arcsine transformed before
statistical analysis was done. These data were tested to
ensure they met the assumptions of an ANOVA by
testing for normality using the Shapiro-Wilk test and
homogeneity of variances using Levene’s test.
Afterwards the data were analyzed using one-way or
two-way ANOVAs and ANCOVAs. If statistical
significance (p < 0.05) was found a Tukey’s Post Hoc
analysis was performed. When data sets were not
normal, based on the Shapiro-Wilk test) a Wilcoxon (2
samples) or Kruskal-Wallis (>2 samples) test was run.
3.4 Results
Fluorescence of Adult Colony Fragments
Quantum yield of fluorescence was averaged for
each treatment condition before (acclimation) and after
(recovery) exposure for both M. cavernosa and P.
astreoides fragments. In all M. cavernosa fragments
quantum yield was significantly lower after
sedimentation exposure (Figure 3.1, Table 6). Control
fragments were not damaged during exposure but still
showed a significant decrease in quantum yield
(Kruskal-Wallis, p=0.0041, Figure 3.1a). All other
treatment conditions (low, moderate, and high) had
areas of visual damage or tissue discoloration (Figure
3.3). These visually damaged areas were confirmed with
microscopy to have living tissue still remaining (Figure
5.8). These areas were monitored via PAM, during the

Figure 3.1: Average quantum yield of visually
damaged tissue from M. cavernosa fragments
exposed to A) control, B) low, C) moderate,
and D) high sedimentation. Acclimation is the
average before exposure. Recovery is the
average after. Bars represent ± one standard
error. n = 10 for all sedimentation exposure
treatments. An asterisk indicates significant
difference.
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recovery stage, for any changes in fluorescence.
Areas of damage in in the low, moderate, and high
treatment conditions showed significant decreases in
quantum yield when comparing acclimation and
recovery periods (Kruskal-Wallis, p<0.0001, Figure
3.1b, 3.1c, 3.1d). The quantum yield within the nondamaged portions of the fragments also significantly
decreased within the control (p=0.0041), moderate
(p=0.0123), and high treatments (Kruskal-Wallis,
p=0.0027, Figure 5.5, Table 8). However, no
significant difference was seen in fragments exposed

to

the low treatment condition (Kruskal-Wallis, p>0.05).
In all P. astreoides fragments significant
differences were seen between acclimation and
recovery quantum yields (Figure 3.2, Table 7).
Control fragments were not damaged during exposure
but showed a significant increase in quantum yield
throughout the experiment (Kruskal-Wallis,
p<0.0001, Figure 3.2a). While areas of damage in the
low, moderate, and high treatment conditions showed
significant decreases in quantum yield when
comparing treatment conditions between acclimation
and recovery (Kruskal-Wallis, p<0.0001, Figure 3.2b,
3.2c, 3.2d). When examining the portions of the
fragments that were non-damaged, significant
increases in quantum yield were seen within all
treatment conditions (Kruskal-Wallis, p<0.0001,
Figure 5.6, Table 9).

Figure 3.2: Average quantum yield of
visually damaged tissue from P. astreoides
fragments exposed to A) control, B) low, C)
moderate, and D) high sedimentation.
Acclimation is the average before exposure.
Recovery is the average after. Bars represent
± one standard error. n = 6 for all
sedimentation exposure treatments. An
asterisk indicates significant difference.
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Figure 3.3: Images of (A) P. astreoides, and (B) M. cavernosa fragments after 72-hours of
sediment exposure. White circles highlight areas of visually damaged tissue, while black circles
highlight areas of visually non-damaged tissue.

Figure 3.4: Average quantum yield (FV/FM) of visually damaged tissue from (A) M. cavernosa and (B) P. astreoides fragments.
Acclimation is the average measurement directly before sedimentation exposure. 72 hrs. represents the sediment exposure.
Removal is the average measurement directly after sediment removal. Subsequent measurements were taken to monitor recovery
of fluorescence within the Symbiodinium. Bars represent standard error. n = 6 for all treatments.

Changes in average quantum yield of fluorescence of both M. cavernosa and P.
astreoides fragments were examined as a time series during the 5-day recovery period.
Significant differences were seen within all treatments of damaged M. cavernosa tissue
with both treatment and time having significant effects (ANCOVA, F[27,266] = 9.87,
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p=0.0002, Figure 3.4a, Table 5). The quantum yield of the high treatments increased
significantly throughout the recovery period, showing a potential recovery in those
fragments (ANCOVA, F[27,266] = 9.87, p<0.0001, Figure 3.4a, Table 5). While the
quantum yield within the low and moderate treatments saw no significant increase or
recovery with time (ANCOVA, F[27,266] = 9.87, p<0.0001, Figure 3.4a, Table 5).
Within P. astreoides fragments, quantum yield of all tissues were significantly effected
by both time and treatment (ANCOVA, F[27,476] = 31.45, p<0.0001, Figure 3.4b, Table
5). Significant decreases within the quantum yield of the low, moderate, and high
damaged tissues occurred throughout recovery monitoring (ANCOVA, F[27,476] =
31.45, p<0.0001, Figure 3.4b, Table 5). When examining portions of the tissue that were
non-damaged significant effects were seen as a result of time in both M. cavernosa
(ANCOVA, F[9,494] = 16.17, p<0.0001) and P. astreoides tissues (ANCOVA, F[9,494]
= 3.93, p<0.0001, Figure 5.7, Table 10). However, in both species sedimentation
exposure treatment had no effect (ANCOVA, F[9,494] = 16.17, F[9,494] = 3.93, p>0.05,
Figure 5.7, Table 10).
Table 5: ANCOVA results of average photochemical efficiency of damaged M.
cavernosa or P. astreoides tissue vs. the time of measurement before or during the
recovery period. This was used to test differences in photochemical efficiency as a
function of time (recovery potential) and sedimentation exposure treatments. The
dependent variable is the photochemical efficiency of the damaged tissue (FV/FM). The
model consists of sedimentation exposure (control, low, moderate, or high sedimentation
treatment) as the main effect, with the time of measurement before or during the recovery
period as the covariate.
Species
M. cavernosa

Source
Treatment
Time
Treatment*Time
Error
Total

df
3
6
18
266
293

Type III SS
2.46
1.43
0.82
4.31
8.63

ms
2.46
1.43
0.82
4.31
8.63

F
50.56
14.69
2.80
9.87

P. astreoides

Treatment
Time
Treatment*Time
Error
Total

3
6
18
476
503

6.34
2.79
2.11
6.29
17.52

6.34
2.79
2.11
6.29
17.52

159.75
35.11
8.85
31.45

P
< 0.0001
< 0.0001
0.0002
< 0.0001

< 0.0001
< 0.0001
< 0.0001
< 0.0001
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Oxidative Stress within Adult Tissue
Oxidative stress biomarkers were compared between M. cavernosa tissues taken
directly after sedimentation exposure to tissue directly after a 5-day recovery period. No
significant differences were seen in catalase activity (2-way ANOVA, F[4,43] = 1.05,
p>0.05, Figure 3.5a), carbonyl content (2-way ANOVA, F[4,43] = 1.13, p>0.05, Figure
3.5b), or hydroperoxide concentration (2-way ANOVA, F[4,43] = 2.08, p>0.05, Figure
3.5c) within any tissues. The same biomarkers were examined for tissue samples of P.
astreoides fragments. Significant differences were seen in catalase activity as an effect of
tissue exposure (0 or 5 days; 2-way ANOVA, F[4,43] = 3.29, p=0.0030, Figure 3.5d).
Overall, catalase activity was significantly higher in the moderate and high treatments
compared to the control and low in those tissue samples taken 5 days after sediment was
removed (ANOVA, F[3,20] = 5.10, p=0.0088, Figure 3.5d). Carbonyl content showed no
significant differences within the tissues (2-way ANOVA, F[4,43] = 1.54, p>0.05, Figure
3.5e). Hydroperoxide concentration was significantly effected by treatment condition (2way ANOVA, F[4,43] = 2.89, p>0.05, Figure 3.5f).
Fragment Survival
After exposure to sediment treatments mortality of each fragment was assessed.
Significant differences were found within P. astreoides, with the highest mortality being
in those fragments exposed to the highest sediment levels (ANOVA, F[7,142] = 32.05,
p<0.001, Figure 3.6a). Conversely, in M. cavernosa no significant differences were seen
among treatments (ANOVA, F[7,142] = 32.05, p<0.001, Figure 3.6b).
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Figure 3.5: Oxidative stress biomarkers within M. cavernosa (A,B,C) and P. astreoides (D,E,F) tissues.
(A,D) catalase activity, (B,E) carbonyl content, and (C,F) hydroperoxide concentration within the coral
tissue immediately after sediment removal (0 days) or after a recovery period (5 days). Bars represent ± one
standard error. The same letters above the bars indicate means that are not significantly different as
determined by a Tukey’s post hoc test. n = 5 for all treatments.
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Figure 3.6: Proportion mortality of living tissue as a result of sedimentation exposure in A) P.
astreoides and B) M. cavernosa. Bars represent ± one standard error. The same letters above the bars
indicate means that are not significantly different as determined by a Tukey’s post hoc test. n = 6 for
all treatments.

3.5 Discussion
Here, in this study we have demonstrated that adult colony physiology and tissue
survival are directly affected by increases in sedimentation. Reef-building corals are
ecosystem engineers, capable of constructing and maintaining the foundation of an
enormous system that promotes biodiversity and provides human services that benefit
societies worldwide (Barbier et al. 2011). If damage or stress occurs to these building
blocks, the rest of the ecosystem will be affected. In these experiments we specifically
tested how increases in an anthropogenic stressor, sedimentation, would impact two
scleractinian coral species (Montastraea cavernosa and Porites astreoides). Significant
impacts on the quantum yield of fluorescence were seen in both species, when exposed to
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increased sediment accumulation. Sublethal stress (an increase in carbonyl content and
catalase activity) was seen in P. astreoides, however it was absent in M. cavernosa.
Significant tissue mortality was also seen in P. astreoides as a result of increases in
sediment accumulation.
Sediment accumulation has been shown to cause decreases in the average
quantum yield of fluorescence in adult coral colonies (Riegl and Branch 1995; Philipp
and Fabricius 2003; Yentsch et al. 2002). In this study, a common scleractinian reefbuilding coral, M. cavernosa showed significant decreases in quantum yield of
fluorescence after a short-term (72-hour) exposure to sediment accumulation (Figure 3.1).
This decrease was seen in all treatments (including controls), highlighting the natural
fluctuations that occur in the photosynthetic capabilities of a coral. Under conditions of
low intensity or “natural” sedimentation M. cavernosa colonies have been found to reject
all accumulated sediment from their surfaces (Lasker 1980). While scleractinian coral
species may be able to remove sediment, a significant decrease in productivity and
subsequent increase in respiration will still occur (Riegl and Branch 1995). This current
study allowed for a comparison of a low or “near-natural” accumulation to one of higher
levels similar to what could be seen during a dredging event (Rushmore, unpublished
data). The significance seen throughout this study demonstrates that higher than natural
accumulation, potentially after dredging or beach nourishment activities, leads to
depressed photosynthetic capabilities in corals and eventual tissue necrosis. This same
trend was seen in the sediment-resistant, scleractinian coral species P. astreoides. Control
fragments, despite not being exposed to sedimentation, along with all other treatments
exhibited significant decreases in quantum yield of fluorescence after exposure. P.
astreoides is commonly found in shallow reef environments (< 2 m depth), these
environments are associated with higher-than-normal surge and sediment exposure,
allowing these species to adapt numerous methodologies to remove and resist sediment
stress (Gleason 1998). Our study shows that while P. astreoides may be a sedimentresistant species, decreases in the quantum yield of fluorescence still occur.
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The cellular response of the adult coral tissue to increases in sedimentation was
quantified by measuring oxidative injury and repair within the tissue (hydroperoxide
concentration, carbonyl content, and catalase activity). This response has not been
examined in any other cnidarian systems when looking at stress from sedimentation
exposure. However, when faced with instances of increased thermal stress similar trends
have been observed (Ross et al. 2012; Griffin et al. 2006; Merle et al. 2007; RodriguezLanetty 2009; Polato et al. 2010; Voolstra et al. 2009). Tissue samples from M.
cavernosa showed no significant oxidative stress after sediment exposure or a subsequent
recovery period. While it is not completely understood if increases in reactive oxygen
species (ROS) originate in the host or Symbiodinium, the end results in expulsion from
the host leading to bleaching and colony mortality (Downs et al. 2002). The common
genotype of Symbiodinium found within M. cavernosa is C3, with a single genotype
generally inhabiting each colony (LaJeunesse 2002). This genotype is commonly
distributed within shallow depths, where high photic environments are common
(LaJeunesse 2002). One unique aspect of M. cavernosa is the presence of green
fluorescent protein (GFP) within the coral tissue. GFPs in this species exhibit
fluorescence with no known biological function however, it has been associated with a
protective screening beneficial to the in-hospite Symbiodinium (Banaszak and Trench
1995; Salih et al. 2000). This may aide in understanding how in M. cavernosa photodamage was observed but no oxidative stress was seen as a result of sediment exposure,
potentially preventing the formation of harmful ROS. Conversely, significant damage and
repair were seen within P. astreoides tissues. The amount of accumulated sediment that
fragments were exposed to had a significant effect on the lipid damage (lipid
peroxidation) seen within the coral tissue. While there is a lack of significant damage
between tissues from sediment exposure vs. a recovery period the significant increase in
catalase activity (active repair) in both the moderate and high exposure treatments shows
that oxidative damage did occur. The Symbiodinium within genotype A4, commonly
found within P. astreoides, have been shown to produce measureable amounts of
mycosporine-like amino acids (MAAs), which provide protection from damaging UV
irradiance (Banaszak et al. 2000). This evolutionary advantage over other genotypes of
Symbiodinium may help in high light environments, however based upon the findings of
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this and previous studies (Chapter 2 results), this genotype may be more susceptible to
sediment-induced oxidative damage, than other genotypes.
When sediment accumulates on top of live coral tissue both M. cavernosa and P.
astreoides have a variety of responses to remove the sediment and potentially reduce
stressors (Gleason 1998). Colonies can manipulate large amounts of sediment via their
tentacles to maneuver the sediment to the edges of the colony or off of it completely
(Gleason 1998). Reef sites under high input from dredging and beach nourishment
usually support a characteristic coral fauna composed of species well-adapted to shedding
sediment and tolerating reductions in light (Loya 1976; Brown and Howard 1985;
Tomascik and Sander 1987; Rogers 1990; van Katwijk et al. 1993). As both M.
cavernosa and P. astreoides commonly inhabit these types of environments, fluctuations
in accumulation of sediments over the reef are common. Comparison between the
proportions of tissue mortality sustained after sediment exposure revealed significant
differences between the two species, with P. astreoides being more susceptible to tissue
mortality compared to M. cavernosa. The results of this study dispute prior work (Bak
1978) stating that P. astreoides is a sediment resistant species. While it may be found in
areas of high surge and naturally high sediment input, the stress from the higher-thannormal impact from dredging or beach nourishment activities are not tolerated by the
coral tissue or Symbiodinium found within it. Results from this current study can also
lend to potential intraspecific susceptibilities to sedimentation, with some species, M.
cavernosa for example, being more sediment resistant compared to others.
After tissue damage or stress the potential for repair and subsequent increases in
quantum yield of fluorescence may be possible. If sediment is removed at a high enough
rate to either the edges or completely from the colony then damaged photosystems,
proteins, or lipids may be able to be repaired to help restore full system function. M.
cavernosa fragments exposed to high sediment treatments saw significant increases at the
end of a recovery period, with high levels of mucus production seen resulting in
increased sediment removal. Despite this ability, Riegl and Branch (1995) found that
significant decreases in productivity and subsequent increases in respiration still occur.
Under conditions of heavy sedimentation, corals shut down most of their normal
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metabolic functions to produce large quantities of mucus, which support in removing
sediment (Bak and Elgershuizen 1976; Coffroth 1988; Stafford-Smith and Ormond
1992). Increased mucus production was seen in all colonies when exposed to either
“natural” or increased sedimentation (Rushmore personal observation). As this has been
seen to be an energetically costly way to remove sediments, long-term exposure could
pose an increased threat to damages in the energy budget of exposed colonies (Riegl and
Branch 1995). P. astreoides was not able to recover their quantum yield of fluorescence
after sediment exposure. While significant changes were seen from day-to-day, at the end
of the recovery period quantum yield levels were still significantly decreased compared
to acclimation measurements. This difference between species could have been due to the
difference in polyp size and relief. P. astreoides has polyps that average 0.5-1.5mm in
diameter and have no relief, while polyps of M. cavernosa are 9.0mm in diameter and
have high relief in comparison (Human 1993). This directly relates to the ability of the
colony to actively remove accumulated sediments from its surface. Measurements were
taken to monitor those visually damaged areas that were directly underneath sediment
during exposure so as to determine any potential for recovery. These measurements were
compared to visually non-damaged areas on the colonies where no sediment remained or
no damage was visually seen. Quantum yields of these areas showed no significant
changes due to the sediment treatments but did vary slightly from day to day. This
methodology was adapted from Philipp and Fabricius (2005), who found similar results
when exposing Montipora peltiformis to short-term sediment stress. Their results
mirrored those of this study by showing that areas not covered by sediment were able to
photosynthesize properly (no decreases in quantum yield were seen), while those areas
that were covered in sediment had reduced capabilities and no recovery after sediment
removal.
3.6 Conclusion
The accelerated rate of coastal development along Florida’s coastline, the Keys
and Caribbean has heightened our need to understand the damaging effects on the
persistence of symbiotic coral ecosystems (Brown and Howard 1985; Tomascik and
Sander 1985; Tomascik and Sander 1987; Rogers 1990; van Katwijk et al. 1993;
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Adjeroud and Salvat 1996). Here we demonstrated the susceptibility of two common
scleractinian coral species, M. cavernosa and P. astreoides, to physiological damages
from increases in sediment accumulation. The overall effects of this study were oxidative
damage and repair in exposed coral tissue, decreased quantum yield of fluorescence, and
increased colony mortality due to increases in sediment accumulation. As this study was
only examining short-term stressors, and dredging activities are commonly long-term
activities, additional studies examining more long-term impacts on these critical lifehistory stages are needed. Oxidative damage occurring within the coral holobiont is a
main cause of mortality in adult colonies. Further research examining these pathways and
the direct impacts they have on the fitness and future survival of coral reefs is warranted.
Future studies should focus on defining levels of sediment tolerance in different coral
species. This information could be used to aide in management and planning of future
dredging and beach nourishment projects, helping to pinpoint the most susceptible
species to be targeted for primary relocation and protection.
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DISCUSSION
4.1 Discussion
The importance of sedimentation in shaping the distribution of reef-building
corals has been recognized throughout the Caribbean region (Wood-Jones 1910; Rogers
1990). The increased frequency of dredging and beach nourishment projects throughout
the Florida Keys and Caribbean region has heightened interest in the possible effects of
increased sediment stress on the persistence and distribution of coral ecosystems (Brown
and Howard 1985; Tomascik and Sander 1985; Tomascik and Sander 1987; Rogers 1990;
van Katwijk et al. 1993; Adjeroud and Salvat 1996). Numerous studies have shown that
increases in sedimentation pose direct harm to coral colonies via 1) mortality from
smothering or complete burial, 2) decreased adult colony growth from abrasion and
shading, 3) decreased photosynthetic activity increasing respiration, and 4) significantly
reducing larvae production, settlement, and survival (Bak and Elgershuizen 1976; Bak
1978; Rogers 1983; Abdel-Salam and Porter 1988; Hodgson 1990; Rogers 1990; Riegl
and Branch 1995; Nugues and Roberts 2003; Weber et al. 2006). While these impacts
have been previously studied the link between coral oxidative stress and sedimentation
has not been examined.
In August 2013 dredging activities to deepen the main harbor channel of the Port
of Miami from its old depth of 42 ft. to a new depth of 50-52 ft began. Deepening of the
Port will allow for accommodation of larger post-Panamax vessels, increasing economic
value of the port and trade (http://www.miamidade.gov/portmiami/deep-dredge.asp).
While dredging activity has been monitored throughout the dredging process, damage
and destruction have altered the reef environments located both within and outside the
projected areas, with sediment accumulation reaching higher levels than anticipated
(http://www.miamidade.gov/portmiami/deep-dredge.asp). Irreversible damages were seen
during this project and currently an expansion for Port Everglades is planned. Both of
these ports lay adjacent to the Florida Reef Tract, the largest reef system in the United
States and the third largest reef system in the world
(http://www.coris.noaa.gov/portals/florida.html). Further damage and losses to this
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delicate ecosystem would lead to huge impacts in numerous human industries and ocean
communities (Cesar et al. 2003).
The two coral species chosen for this experiment are found commonly throughout
the Caribbean region. Montastraea cavernosa is a reef-building boulder coral, composed
of large polyps, approximately 9 mm in diameter (Human 1993). This species reproduces
via broadcast spawning, with gamete release occurring seven to eight days after the full
moon from July to October (Human 1993). In contrast, Porites astreoides is a smaller
species, composed of polyps ranging from 0.5 -1.5 mm in diameter (Human 1993).
Porites astreoides reproduces via brooding, with the release of fully competent larvae
occurring six to eighteen days after the new moon from April to August (Human 1993).
Both of these species are found in shallow water environments, where surge and sediment
exposure occur at increased rates (Gleason 1998), leading to their potential as “sediment
resistant” species. Examination of the physiological response of these species to a
growing anthropogenic stressor, sedimentation, may provide insight into stress mitigation
and recovery of more threatened species.
The goals of this project were to answer the following questions to determine the
effects of sedimentation on the various life-history stages of two scleractinian coral
species, M. cavernosa and P. astreoides:


Do abrasion and turbidity increases affect the physiology and
settlement success of newly released larvae?



Does the presence of a layer of sediment deter larval settlement?



Does smothering affect the survival and condition of newly settled
spat?



Does sedimentation affect the survival and physiology of adult corals?

4.2 Physiological Response and Settlement in Larvae
Larval Physiology
The effects of increased turbidity on the physiology of newly released larvae have
been rarely tested. When larvae of P. astreoides are released they already contain a
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symbiotic dinoflagellate algae, Symbiodinium, which they received from their parent
colony (Ritson-Williams et al. 2009). When collected from the Florida Keys, LaJeunesse
(2002) found that P. astreoides consistently contained the clade A4 Symbiodinium
species, Gymnodinium linucheae. This Symbiodinium clade has also been found
inhabiting P. astreoides colonies throughout Belize (Warner et al. 2006), inhabiting the
Thimble jellyfish Linuche unguiculata, the anemones Condylactis gigantean and
Stichodactyla helianthus (LaJeunesse 2002), and the fire coral Millepora alcicornis
(LaJeunesse 2002). This clade is considered ancestral to all other Symbiodinium lineages,
and has been shown to be more thermally tolerant in high temperature situations, leading
to decreased bleaching and tissue loss of host colonies (Hennige et al. 2006; Robinson
and Warner 2006). This is done by 'processing' the absorbed light energy (photons),
preventing a 'traffic jam' of electrons between photosystems I and II, thereby preventing
photoinhibition and damage (Hennige et al. 2006). Ultimately if a stressor becomes too
much for a coral host, the Symbiodinium living within its tissue will be expelled. This is
called coral bleaching and can lead to partial or complete mortality of an affected colony.
In this study, when exposed to increases in turbidity no significant differences were seen
in the quantum yield of fluorescence or Symbiodinium concentrations within the newly
released larvae. This helps to further highlight the tolerance of Gymnodinium linucheae
to abiotic stressors. While this result is surprising, it is possible that corals in the
planktonic stage are able to withstand short-term abiotic stressors until they can
successfully settle in a less hostile environment (Ritson-Williams et al. 2009). This is
possible due to the energy stores within the larvae that are capable of sustaining them for
an extended period of time after release (Cowen et al. 2000; Strathmann et al. 2002;
Levin 2006). More thorough examination of the photophysiological response of newly
release larvae to turbidity stress is needed to fully understand any effects from this
growing stressor.
Here, the cellular response of larvae to increases in turbidity was quantified by
measuring oxidative injury and repair within the larval tissue (hydroperoxide
concentration, carbonyl content, and catalase activity). Treatments exposing larvae to
elevated turbidities did not have a significant effect on the hydroperoxide concentration

67

levels, showing no significant impact on the integrity of the lipids within the larvae (Weis
2008). Conversely, larvae exposed in 2015 had significant increases in the levels of both
carbonyl content and catalase activity found within their tissues, when compared to
larvae exposed in 2014. Elevated levels of carbonyl content are directly related to
increases in damage to different proteins and amino acid building blocks, building up in
the cell leading to further damage or bleaching (Davies 1987; Dean and Davies 1993).
During July and August of 2014 and 2015, sea surface temperatures throughout the
Florida Keys increased (Figure 2.5; Kuffner et al. 2015). This was also coupled with an
increase in temperatures during larval collection in both years, possibly impacting the
quality of the larvae. This could explain the increased susceptibility of larvae in 2015 to
turbidity stress compared to those in 2014, as previous studies have demonstrated the
negative effects of increasing temperatures on coral larvae (Bassim and Sammarco 2003;
Nozawa and Harrison 2007; Randall and Szmant 2009). This potential increase in
susceptibility could lead to decreases in larval fitness and potential impacts on settlement
and metamorphosis (Ritson-Williams et al. 2009). Larvae of P. astreoides showed an
upregulation in catalase activity, demonstrating an ability to directly cope with oxidative
stress from the turbidity exposure. This response has not been seen in any other cnidarian
systems when looking at stress from turbidity exposure. However, when faced with
instances of increased thermal stress similar trends were seen in various cnidarian species
(Ross et al. 2012; Griffin et al. 2006; Merle et al. 2007; Rodriguez-Lanetty 2009; Polato
et al. 2010; Voolstra et al. 2009). These findings suggest a potential susceptibility of P.
astreoides larvae to increases in turbidity.
Larval Settlement
Despite evidence of sub-lethal stress from turbidity treatments, no significant
effect was seen on larval survival or settlement success. These results suggest that larvae
of P. astreoides have physiological mechanisms that may allow them to cope with shortterm turbidity stress. With the occurrence of upregulation of catalase, the larvae may be
detoxifying oxidative stressors allowing them to survive and settle at the same rates as
larvae not exposed to this stressor (Ross et al. 2012). This is a promising result, as it
shows that larvae are able to proceed with critical life-history stages such as settlement
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and metamorphosis, despite exposure to this abiotic stressor. While this study shows that
short-term (24 hour) exposure to turbidity and suspended sediments does not have a
significant impact on settlement success of the larvae, a longer exposure or higher
intensity of turbidity or suspended sediments, specifically those which may occur during
dredging or beach nourishment activities, may have a more harmful impact on the
physiological health and subsequent critical life-history stages of the larvae.
4.3 Larval Settlement Deterrence
After release a suitable substrate must be located for spat settlement and growth
(Ritson-Williams et al. 2009). Chemical cues are a way that planktonic phase larvae are
able to identify substrate. These cues may be released by conspecifics in the immediate
area or by other organisms, such as crustose coralline algae (Ritson-Williams et al. 2009).
However, any disruption or complete lack of these cues results in decreased larval
settlement and ultimately impacts the sustainability of a population (Ritson-Williams et
al. 2009). Coral larvae select settlement microhabitats in crevices, on the underside of
surfaces or on vertical surfaces to reduce exposure to grazing, sedimentation, and algal
overgrowth (Bak and Engel 1979; Brock 1979; Sammarco 1980; Birkeland et al. 1981;
Harriott 1985; Wallace 1985; Harriott and Fisk 1988; Babcock and Mundy 1996; Nozawa
2008). However, despite this microhabitat selection, increases in dredging and beach
nourishment raise the potential for the deleterious effects on larval settlement success.
Gilmour (1999) found an inverse relationship between sediment accumulation on a
surface and the successful settlement of coral larvae, with increases in accumulation
leading to marked decreases in settlement. While Gilmour (1999) only saw a decrease in
settlement, Harrigan (1972) observed a complete lack of settlement when larvae were
given the choice to settle on silt-covered surfaces. Hodgson (1991) saw similar results,
with larvae choosing to settle on areas clear of sediment compared to those with a small
sprinkling of sand, silt, or clay.
Previous studies have examined the overall success of larvae from the corals
Acropora millepora, Acropora digitifera, and Pocillopora damicornis to settle or not in
the presence of sediment. My study examined if thicknesses of sediment accumulation
and grain size had any impact (Babcock and Davies 1991; Babcock and Smith 2000;
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Birrell et al. 2005; Gilmour 1999; Hodgson 1990; Humphrey et al. 2008). My study
however is unique in that it examined settlement success in Porites astreoides, a species
that has not yet been used to further understand this growing environmental stressor.
Overall, larval settlement success was significantly decreased by the presence of both a
fine- or coarse-grained sediment layer. No significance was seen between the different
grain sizes used or thicknesses of sediment layer, further supporting previous studies that
sediment accumulation in general deters coral settlement. While these results did not lend
to elucidate any relationship between sediment thickness and larval settlement deterrence,
it is important to further support previous findings of settlement hindrance, even on such
a small scale as the one in this study. Water quality conditions could have affected the
success of the larvae, as decreases have been linked to reduced survival and settlement
(Ritson-Williams et al. 2009). If the results from this and previous studies are translated
into natural populations, increases in sedimentation could lead to significant decreases in
the number of spat and juveniles, ultimately causing reductions in recruitment to the adult
stage, and decreases in coral cover over time (Babcock and Smith 2000; Hughes and
Tanner 2000).
4.4 Spat Survival Post-Smothering
Mortality of coral recruits can occur from a wide range of disturbances both
chronic and acute (Ritson-Williams et al. 2009). They can range from competition or
predation, to bleaching, disease, or sedimentation (Rylaarsdam 1983; Ritson-Williams et
al. 2009). The first few months to years post-settlement are a time in the corals lifecycle
when mortality is assumed to be highest and also is a critical stage in establishing future
adult colony abundance (Trapon et al. 2013). When compared to sedimentation tolerance
rates of adult colonies, new recruits have been found to be less tolerant (Fabricius 2005).
One major impact of sedimentation on spat is the hindrance or change in growth rate.
Rapid growth rates aide in spat survival by decreasing the chance of polyp overgrowth
from neighboring invertebrates, algae, or sediment (Richmond 1977). Studies in
controlled environments have shown that even if spat remain less than 3 mm in diameter
for two or three months, the chance of survival long term is only 20% (Rylaarsdam
1983). Field studies however, have revealed a large amount of variance in post-settlement
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mortality, ranging from 16 to 71% within the first three to six months, with species type
ultimately playing a direct role in overall spat survival (Babcock 1985; Box and Mumby
2007; Wakeford et al. 2008).
While it is understood that smothering with sediment does impact the growth and
development of newly settled spat, few studies have looked at the difference between
exposures with coarse- vs. fine-grained sediment. After individual smothering treatments,
I found that layers of coarse-grained sediment had a more significant detrimental effect
on the health and survival of the spat. Smothering with different layers of fine-grained
sediment did not lead to significant damage or mortality among the treatments. However,
smothering with a low or high level of coarse-grained sediment lead to decreases in the
proportion of healthy spat, compared to the control. Overall, survival was also seen to be
significantly lower in low and high treatments of coarse-grained sediment. In a reef
environment settlement of suspended particles occurs as sediment plumes are advected
away from a dredging site, with those particles that are heavier (coarse-grained) settling
out at a faster speed than lighter (fine-grained) ones (Jones et al. 2015). If dredging were
to coincide with summer months when larvae settle into reef environments deposition of
coarser-grained particles, from sediment plumes, could lead to increases in spat mortality.
4.5 Adult Colony Physiology
Photophysiology
Sediment accumulation has been shown to cause decreases in the average
quantum yield of fluorescence in adult coral colonies, reducing the photosynthetic
capabilities and overall health of affected tissues (Riegl and Branch 1995; Philipp and
Fabricius 2002; Yentsch et al. 2002). The Symbiodinium-coral symbioses is responsible
for the high rate of photosynthesis occurring within each coral system, with the stability
of the ratio of Symbiodinium to host biomass playing a key role in the photosynthetic
success of each individual colony (Drew 1972). However, relatively small changes in the
physical parameters of the marine environment have been shown to influence the stability
of these symbioses (Glynn 1990). These changes have been linked to a reduction in the
concentration of chlorophyll a (Coles and Jokiel 1977; Kleppel et al. 1989; Porter et al.
1989; Szmant and Gassman 1990) and accessory pigments (Kleppel et al. 1989) found
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within each Symbiodinium cell, and a marked decline in the overall population density of
the symbiont throughout the host tissue (Fisk and Done 1985; Hoegh-Guldberg and
Smith 1989). These can be seen by decreases in the quantum yield of fluorescence within
exposed coral fragments.
In this study, Montastraea cavernosa showed significant decreases in quantum
yield of fluorescence, across all treatments, after a short-term (72-hour) exposure to
sediment accumulation. While M. cavernosa was found to be able to clear sediment off of
some covered areas, not all sediment could be removed. Areas where sediment
accumulated saw a significant decrease in the average quantum yield of fluorescence,
discoloration of tissues, and partial tissue loss leading to exposure skeleton. These areas,
however, were still able to emit readable fluorescence levels. Although the zooxanthellae
were decreased in capability and concentration, the remaining Symbiodinium were still
able to photosynthesize. While significant decreases in the average quantum yield of
fluorescence were also seen in all treatments in those areas where sediment could be
removed, these decreases highlight natural fluctuations in photosynthetic efficiency that
occur daily, and show the high sensitivity of coral species to even slight stressors. In
comparison to conditions of low intensity or “natural” sedimentation, M. cavernosa
colonies have been found to reject all accumulated sediment from their surfaces (Lasker
1980). This same trend was seen in M. cavernosa colonies exposed to sediment
accumulation levels mirroring “natural” reef environments, with no significant
differences seen in the quantum yield of fluorescence, and sediment from all areas of the
colony being removed (Rushmore unpublished data). Despite the ability of most species
to remove sediment, Riegl and Branch (1995) found that significant decreases in
productivity and subsequent increases in respiration still occurred. Under conditions of
heavy sedimentation, corals shut down most of their normal metabolic functions to
produce large quantities of mucus, which support in removing sediment (Bak and
Elgershuizen 1976; Coffroth 1988; Stafford-Smith and Ormond 1992). Increased mucus
production was seen in all colonies when exposed to either “natural” or increased
sedimentation (Rushmore personal observation). As this has been seen to be an
energetically costly way to remove sediments, long-term exposure could pose an
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increased threat to damages in the energy budget of exposed colonies (Riegl and Branch
1995).
Porites astreoides fragments saw the same trends in quantum yield of
fluorescence when exposed to increased sedimentation. P. astreoides is commonly found
in shallow reef environments (< 2 m depth), with these environments being associated
with higher-than-normal surge and sediment exposure (Gleason 1998). This increased
exposure to “natural” sedimentation events and the lack of direct harm from them has
caused this species to be labeled as “sediment resistant” compared to other scleractinian
species (Gleason 1998). As seen in M. cavernosa colonies, P. astreoides was also able to
remove sediment from some portions of its surface. As above those areas underneath
accumulated sediment showed a significant decrease in the average quantum yield of
fluorescence, discoloration of tissues and partial exposure of the corallite skeleton.
However, fluorescence was still being emitted from the remaining Symbiodinium so full
bleaching did not occur. This same trend was seen in fragments exposed to “natural”
levels of sedimentation, bringing into question the label of “sediment resistant” to this
species. The significant decrease seen as a result of the higher levels of accumulation
demonstrates that higher than natural accumulation, potentially after dredging or beach
nourishment activities, leads to depressed photosynthetic capabilities in corals and
eventual expulsion of Symbiodinium.
Sub-lethal Stress Biomarkers
The cellular response of the adult coral tissue to increases in sedimentation was
quantified by measuring oxidative injury and repair within the tissue (hydroperoxide
concentration, carbonyl content, and catalase activity). This response has not been seen in
any other cnidarian systems when examining stress from sedimentation exposure.
However, when faced with instances of increased thermal stress similar trends were seen
(Ross et al. 2012; Griffin et al. 2006; Merle et al. 2007; Rodriguez-Lanetty 2009; Polato
et al. 2010; Voolstra et al. 2009). Tissue samples from M. cavernosa showed no
significant oxidative stress after sediment exposure or a subsequent recovery period.
While it is not completely understood if increases in reactive oxygen species (ROS)
originate in the host or Symbiodinium, the end result is expulsion from the host leading to
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bleaching and colony mortality (Downs et al. 2002). The exact clade of Symbiodinium
inhabiting the colonies used within this study was not quantified; past studies have
allowed us to speculate what clade may have been present. When collected from areas
throughout the Caribbean region M. cavernosa has been found to house Symbiodinium
from the clade C3d and C3e (LaJeunesse 2002). This clade commonly inhabits depths
ranging from 0-90 meters, is found to be evolutionarily adapted to living at depth
compared to other clades, and has been found to be an ancestral clade (LaJeunesse 2002).
As this clade is common throughout many depth ranges it may have adapted over time to
be more resistant to certain stressors, such as sedimentation, compared to other clades.
The lack of significance in oxidative stress biomarkers supports this possibility; however,
additional research is needed to fully validate this. A unique aspect of M. cavernosa is the
presence of green fluorescent protein (GFP) within the coral tissue. GFPs in this species
exhibit fluorescence with no known biological function however, it has been associated
with a protective screening beneficial to the in-hospite Symbiodinium (Banaszak and
Trench 1995; Salih et al. 2000). This may aide in understanding how in M. cavernosa
photo-damage was observed but no oxidative stress was seen as a result of sediment
exposure, potentially preventing the formation of harmful ROS.
Conversely, significant damage and repair were seen within P. astreoides tissues.
The amount of accumulated sediment that fragments were exposed to had a significant
effect on the lipid damage (lipid peroxidation) seen within the coral tissue. While there is
a lack of significant damage between tissues from sediment exposure vs. a recovery
period the significant increase in catalase activity (active repair) in the moderate and high
exposure treatments shows that oxidative damage did occur. Additional studies are
warranted to better understand the sub-lethal damage seen in this species. The
Symbiodinium within genotype A4, commonly found within P. astreoides throughout the
Caribbean (LaJeunesse 2002), have been shown to produce measureable amounts of
mycosporine-like amino acids (MAAs), which provide protection from damaging UV
irradiance (Banaszak et al. 2000). This evolutionary advantage over other genotypes of
Symbiodinium may help in high light environments, however based upon the findings of
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this and previous studies (Rushmore unpublished data), this genotype may be more
susceptible to sediment-induced oxidative damage, than previously assumed.
Tissue Mortality
When sediment accumulates on top of live coral tissue both M. cavernosa and P.
astreoides have a variety of responses to remove the sediment and potentially reduce
stressors (Gleason 1998). Colonies can manipulate large amounts of sediment by using
their tentacles to remove sediment to the edges of the colony or off of it completely
(Gleason 1998). Reef sites under high input from dredging and beach nourishment
usually support a characteristic coral fauna composed of species well-adapted to shedding
sediment and tolerating reductions in light (Loya 1976; Brown and Howard 1985;
Tomascik and Sander 1987; Rogers 1990; van Katwijk et al. 1993). As both M.
cavernosa and P. astreoides commonly inhabit these types of environments, fluctuations
in accumulation of sediments over the reef are common. Comparison between the
proportions of tissue mortality sustained after sediment exposure revealed significant
differences between the two species, with P. astreoides being more susceptible to tissue
mortality compared to M. cavernosa.
While results from this study did not see a significant effect on the visual tissue
health of M. cavernosa colonies, Vargas-Angel et al. (2006) was able to see histological
changes in this species after 4 weeks of sediment exposure. Efficiency of sediment
rejection was fastest at the beginning of exposure (week 1), with decreases occurring as
early as week 2, and continuing to diminish throughout the remainder of the exposure
period. This decrease in efficiency of sediment removal was coupled with an increase in
occurrence of histological damage (Vargas-Angel et al. 2006). Overall significant
damage was seen in all treatments resulting from depletion in the energy reserves through
excess mucous production to remove the sediment (Vargas-Angel et al. 2006). This
further supports our study and shows that sub-lethal damage to corals via sedimentation
exposure is complex, involving both localized and systemic cell injury (Vargas-Angel et
al. 2006). When looking at P. astreoides, the results of this study dispute prior work (Bak
1978) stating that it is a “sediment-resistant” species. While it may be found in areas of
high surge and naturally high sediment input, the stress from the higher-than-normal
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impact from dredging or beach nourishment activities are not able to be handled by the
coral tissue or Symbiodinium found within them. Significant tissue damage was also seen
when P. astreoides was exposed to sedimentation similar to “natural” levels found
throughout the area where the colonies were collected (Rushmore unpublished data).
These results can also lend to potential intraspecific susceptibilities to sedimentation. For
example, M. cavernosa, is able to handle sediment accumulation for a longer time period
before significant damage occurs, compared to P. astreoides.
Recovery Potential
After tissue damage or stress the potential for repair and subsequent increases in
quantum yield of fluorescence may be possible. If sediment is removed at a high enough
rate to either the edges or completely from the colony than damaged photosystems,
proteins, or lipids may be able to be repaired to help restore full system function. Corals,
both the host and Symbiodinium, possess numerous photoprotective mechanisms to both
protect and repair damaged tissue after exposure to a stressor (Fitt et al. 2009).
Mycosporine-like amino acids (Shick and Dunlap 2002; Lesser 2004), dissipation of
excess excitation energy via the xanthophyll cycle (Brown et al. 1999; Gorbunov et al.
2001), heat shock proteins and expression of other stress biomarker (Black et al. 1995;
Downs et al. 2002; Lesser and Farrell 2004), upregulating antioxidant enzymes (Lesser
1996; Lesser and Farrell 2004; Lesser 2006), and host energy reserve utilization (Porter et
al. 1989; Grottoli et al. 2004, 2006) have all been found to have underlying influence on
stress response.
Despite the array of mechanisms to combat stressors, P. astreoides was not able
to recover their quantum yield of fluorescence after sediment exposure. While significant
changes were seen from day-to-day, at the end of the recovery period quantum yield
levels were still significantly decreases compared to acclimation measurements. In M.
cavernosa however, those fragments exposed to a high accumulation of sediment were
able to more readily clear their surfaces and saw a significant increase in fluorescence at
the end of the recovery period. This is speculated to have occurred due to an increased
immune response seen in these fragments with the possibility of extending the recovery
period in future studies to see if the low and moderate treatments could have recovered as
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well. Measurements taken were monitoring those areas of “damage” that were directly
underneath sediment during exposure so as to determine any potential for recovery.
These measurements were compared to “non-damaged” areas on the colonies where no
sediment remained or no damage was visually seen. Quantum yields of these areas
showed no significant changes due to the sediment treatments but did vary slightly from
day to day. This methodology was adapted from Philipp and Fabricius (2005), who found
similar results when exposing Montipora peltiformis to short-term sediment stress. Their
results mirrored those of this study in that areas not covered by sediment were able to
photosynthesize properly (no decreases in quantum yield were seen), while those areas
that were covered in sediment had reduced capabilities and no recovery after sediment
removal.
4.6 Conclusion
Sedimentation from dredging and beach nourishment events represents one of the
largest potential sources of reef degradation from human activities throughout the
Caribbean region (Johannes 1975; Dahl 1985; Rogers 1985, 1990). Here we
demonstrated the adverse effects of increased sedimentation on two common
scleractinian coral species. Different coral species have varying effects to stressor due to
their growth form, size, and in-hospite Symbiodinium, with each species in this study
having unique reactions to the various sediment stressors. The overall effects of this study
were decreased settlement of newly released larvae, damage to newly settled spat,
decreased quantum yield of fluorescence, and visual tissue damage. Although
fluorescence could still be read on those areas of obvious tissue damage, sediment
exposure had detrimental effects on the health of the tissue.
Scleractinian coral species provide the framework for reef ecosystems throughout
the world, however coastal development and expansion are damaging these reefs at an
alarming rate. Montastraea cavernosa is a common reef-building coral found throughout
the Caribbean region and through this study was proved to me a more sediment resistant
species compared to adult P. astreoides colonies. While both species experienced marked
decreases in the quantum yield of fluorescence and a lack of recovery, M. cavernosa
showed no evidence of sub-lethal stress in any of the biomarkers examined. In P.
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astreoides, however, despite the evidence of lipid damage, upregulation and repair was
also seen by a marked increase in catalase activity in higher treatment conditions. While
it is known that each species houses a different clade of Symbiodinium (LaJeunesse
2002), further research on the susceptibility of these in-hospite organisms will allow for a
more thorough understanding of the susceptibility of coral species to this growing
stressor.
Many of the most diverse marine communities are in shallow waters adjacent to
growing coastal anthropogenic stressors. Significant effects were seen on the physiology
of the newly released larvae when exposed to turbidities below and including the 29 NTU
limit. According to Goldberg (1988), there is no biological rationale for this limit, with
no changes in limit since the introduction of the regulation. While turbidity monitoring
does occur during dredging and beach nourishment events, the sediment plumes created
as a result are unpredictable and not easily contained, with impacts reaching further than
anticipated. One recent example being the dredging plume created during the Miami
Deep Dredge Project. The plume was recorded in July 2014 to extend 1500 meters
westward and 1000 meters southwestward from its creation point directly adjacent to the
port. Widespread damage and coverage of colonies with fine-grained silt and clay were
seen through field impact monitoring preformed by the Florida Department of
Environmental Protection (DEP). These transect were 200 meters in length in a northsouth direction from the channel beginning at the monitoring stations. The entire impact
area was not able to be included in these transects as it was larger than preliminary
reports had anticipated. While the long-term effects of this project have not been seen yet,
the short-term damage and degradation of adjacent reefs is evident. Reevaluation on the
allowable turbidity and plume management during these projects would assist in
protecting the remaining healthy reef ecosystems in the South Florida area.
While the visual impacts from these projects are evident in the short-term, the
long-term impacts are yet to be known. Reef degradation and eventual destruction will
not only impact current generations and other marine ecosystems but will harm future
organisms and communities worldwide. We must strive to decrease the impact from
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dredging and beach nourishment in hopes that we can save and replenish the remaining
reef communities.
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APPENDIX: Supplemental Material

Figure 5.1: Average Symbiodinium per P. astreoides larvae after exposure to 24-hours of
turbidity treatment. Bars represent standard error. n = 5 for all sediment exposure treatments.

Figure 5.2: Average respiration in P. astreoides larvae after exposure to 24-hours of
turbidity treatment. Bars represent standard error. n = 11 for all sediment exposure
treatments.
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Figure 5.3: Effect of smothering with varying layers of fine- or coarse- grained sediment
on the proportion of visually healthy P. astreoides spat. Bars represent ± one standard
error. The same letters above bars indicate means that are not significantly different as
determined by a Tukey’s post hoc test. n = 10 for all treatments.

Figure 5.4: Effect of smothering with varying layers of fine- or coarse- grained sediment
on the proportion of visually healthy P. astreoides spat. Bars represent ± one standard
error. The same letters above bars indicate means that are not significantly different as
determined by a Tukey’s post hoc test. n = 10 for all treatments.
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Figure 5.5: Average quantum yield
of non-damaged tissue from M.
cavernosa fragments exposed to A)
control, B) low, C) moderate, and D)
high sedimentation. Acclimation is the
average before exposure. Recovery is
the average after. Bars represent ± one
standard error. n = 6 for all
sedimentation exposure treatments. An
asterisk indicates significant
difference.

Figure 5.6: Average quantum
yield of non-damaged tissue from P.
astreoides fragments exposed to A)
control, B) low, C) moderate, and D)
high sedimentation. Acclimation is
the average before exposure.
Recovery is the average after. Bars
represent ± one standard error. n = 6
for all sedimentation exposure
treatments. An asterisk indicates
significant difference.
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Figure 5.7: Average photosynthetic efficiency (FV/FM) of visually non-damaged tissue of (A) M. cavernosa
and (B) P. astreoides fragments. Acclimation is the average measurement directly before sedimentation
exposure. 72 hrs. represents the sediment exposure. Removal is the average measurement directly after
sediment removal. Subsequent measurements were taken to monitor recovery of fluorescence within the
Symbiodinium. Bars represent standard error. n = 6 for all treatments.

Figure 5.8: Microscope image of a visually damaged
portion of P. astreoides. Red box highlights area of live
tissue found and able to be monitored via PAM.
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Table 6: Average quantum yield of fluorescence ± SE of damaged M. cavernosa
fragments after exposure to different sedimentation treatments.
Treatment
Control

Low Damaged

Moderate Damaged

High Damaged

Time
Acclimation

Average quantum yield (FV/FM)
0.708 ± 0.011

Removal

0.675 ± 0.014

15 hours

0.673 ± 0.008

39 hours

0.606 ± 0.027

63 hours

0.689 ± 0.009

87 hours

0.679 ± 0.010

111 hours

0.686 ± 0.010

Acclimation

0.722 ± 0.012

Removal

0.449 ± 0.030

15 hours

0.354 ± 0.067

39 hours

0.446 ± 0.042

63 hours

0.428 ± 0.052

87 hours

0.442 ± 0.061

111 hours

0.426 ± 0.056

Acclimation

0.718 ± 0.021

Removal

0.340 ± 0.084

15 hours

0.334 ± 0.121

39 hours

0.482 ± 0.082

63 hours

0.483 ± 0.078

87 hours

0.546 ± 0.054

111 hours

0.381 ± 0.114

Acclimation

0.718 ± 0.005

Removal

0.495 ± 0.049

15 hours

0.562 ± 0.055

39 hours

0.478 ± 0.092

63 hours

0.593 ± 0.024

87 hours

0.630 ± 0.020

111 hours

0.621 ± 0.027
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Table 7: Average quantum yield of fluorescence ± SE of damaged P. astreoides
fragments after exposure to different sedimentation treatments.
Treatment
Control

Low Damaged

Moderate Damaged

High Damaged

Time
Acclimation

Average quantum yield (FV/FM)
0.546 ± 0.020

Removal

0.580 ± 0.024

15 hours

0.585 ± 0.019

39 hours

0.579 ± 0.018

63 hours

0.559 ± 0.022

87 hours

0.593 ± 0.018

111 hours

0.568 ± 0.016

Acclimation

0.534 ± 0.020

Removal

0.197 ± 0.027

15 hours

0.257 ± 0.036

39 hours

0.359 ± 0.051

63 hours

0.327 ± 0.019

87 hours

0.255 ± 0.017

111 hours

0.236 ± 0.024

Acclimation

0.560 ± 0.025

Removal

0.213 ± 0.038

15 hours

0.388 ± 0.048

39 hours

0.501 ± 0.036

63 hours

0.359 ± 0.022

87 hours

0.319 ± 0.020

111 hours

0.247 ± 0.013

Acclimation

0.532 ± 0.013

Removal

0.168 ± 0.025

15 hours

0.395 ± 0.049

39 hours

0.179 ± 0.024

63 hours

0.303 ± 0.026

87 hours

0.307 ± 0.022

111 hours

0.264 ± 0.016
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Table 8: Average quantum yield of fluorescence ± SE of non-damaged M. cavernosa
fragments after exposure to different sedimentation treatments.
Treatment
Control

Low non-damaged

Moderate non-damaged

High non-damaged

Time
Acclimation

Average quantum yield (FV/FM)
0.708 ± 0.011

Removal

0.675 ± 0.014

15 hours

0.673 ± 0.008

39 hours

0.606 ± 0.027

63 hours

0.689 ± 0.009

87 hours

0.679 ± 0.010

111 hours

0.686 ± 0.010

Acclimation

0.722 ± 0.012

Removal

0.699 ± 0.011

15 hours

0.673 ± 0.014

39 hours

0.588 ± 0.031

63 hours

0.687 ± 0.005

87 hours

0.695 ± 0.014

111 hours

0.691 ± 0.009

Acclimation

0.718 ± 0.021

Removal

0.691 ± 0.010

15 hours

0.666 ± 0.016

39 hours

0.585 ± 0.021

63 hours

0.686 ± 0.009

87 hours

0.674 ± 0.015

111 hours

0.674 ± 0.009

Acclimation

0.718 ± 0.005

Removal

0.684 ± 0.012

15 hours

0.655 ± 0.019

39 hours

0.632 ± 0.017

63 hours

0.672 ± 0.005

87 hours

0.696 ± 0.012

111 hours

0.689 ± 0.011
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Table 9: Average quantum yield of fluorescence ± SE of non-damaged P. astreoides
fragments after exposure to different sedimentation treatments.
Treatment
Control

Low non-damaged

Moderate non-damaged

High non-damaged

Time

Average quantum yield (FV/FM)

Acclimation

0.546 ± 0.020

Removal

0.580 ± 0.024

15 hours

0.585 ± 0.019

39 hours

0.579 ± 0.018

63 hours

0.559 ± 0.022

87 hours

0.593 ± 0.018

111 hours

0.568 ± 0.016

Acclimation

0.534 ± 0.020

Removal

0.581 ± 0.011

15 hours

0.589 ± 0.013

39 hours

0.608 ± 0.020

63 hours

0.585 ± 0.013

87 hours

0.599 ± 0.016

111 hours

0.560 ± 0.020

Acclimation

0.560 ± 0.025

Removal

0.595 ± 0.015

15 hours

0.584 ± 0.024

39 hours

0.576 ± 0.028

63 hours

0.604 ± 0.020

87 hours

0.601 ± 0.023

111 hours

0.595 ± 0.020

Acclimation

0.532 ± 0.013

Removal

0.524 ± 0.022

15 hours

0.620 ± 0.020

39 hours

0.654 ± 0.014

63 hours

0.614 ± 0.016

87 hours

0.623 ± 0.015

111 hours

0.598 ± 0.019
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Table 10: ANCOVA results of average photochemical efficiency of non-damaged M.
cavernosa or P. astreoides tissue vs. the time of measurement before or during the
recovery period. This was used to test differences in photochemical efficiency as a
function of time (recovery potential) and sedimentation exposure treatments. The
dependent variable is the photochemical efficiency of the damaged tissue (FV/FM). The
model consists of sedimentation exposure (control, low, moderate, or high sedimentation
treatment) as the main effect, with the time of measurement before or during the recovery
period as the covariate.
Species
M. cavernosa

Source
Treatment
Time
Treatment*Time
Error
Total

df
3
6
18
476
503

Type III SS
0.0061
0.5382
0.0440
1.8042
2.3925

ms
0.0061
0.5382
0.0440
0.0038
2.3925

F
0.5349
23.6670
0.6453
5.7490

P
0.6586
< 0.0001
0.8639
< 0.0001

P. astreoides

Treatment
Time
Treatment*Time
Error
Total

3
6
18
476
503

0.0357
0.2036
0.1753
3.1525
3.5671

0.0357
0.2036
0.1753
0.0154
3.5671

1.7974
5.1239
1.4702
2.3185

0.1468
< 0.0001
0.0956
0.0002
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